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Abstract
The high energetic cost of neuronal communication requires large amounts of ATP to maintain
function. In mammals, oxidative phosphorylation is required to meet these energy demands and
without sufficient oxygen supply neuronal hyperexcitability and excitotoxic cell death occurs. This
catastrophic cascade of events does not happen in the freshwater painted turtle Chrysemys picta
bellii, instead there is a coordinated downregulation of cellular ATP consuming processes to match
the lower anaerobic ATP supply. To reduce the energetic burden during anoxia turtles have
evolved a sophisticated network of neuroprotective mechanisms including channel arrest and spike
arrest which combine to prevent membrane depolarization and activation of excessive electrical
activity. The aim of my research was to identify and elucidate cellular mechanisms responsible for
suppression of electrical activity in anoxic turtle dorsal cortical brain pyramidal neurons. Using
electrophysiological and fluorescent imaging techniques I demonstrate for the first time that: 1) in
turtle dorsal cortex γ-aminobutyric acid (GABA) release increases during anoxia and enhances a
unique GABAA receptor-mediated giant postsynaptic current, and shifts membrane potential to the
GABA reversal potential (EGABA), reducing electrical excitability; 2) endogenous GABAergic
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mechanisms responsible for anoxia-tolerance also protect against a debilitating ischemic solution
that mimics the cerebral fluid in the penumbral area that surrounds the infarct core; 3) in pyramidal
neurons the open probability of Ca2+-activated K+ channels decreases during anoxia and this is
prevented by inhibition of protein kinase C; and 4) anoxia-mediated decreases in mitochondrial
reactive oxygen species (ROS) production are sufficient to initiate a redox-sensitive inhibitory
GABA signaling cascade that suppresses electrical activity. Together this research significantly
contributes to our understanding of the turtle’s natural anoxia-tolerant strategy in brain and
highlights the integral role of channel arrest and GABAergic spike arrest in prevention of anoxic
or ischemic cell damage.
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General introduction to anoxia-induced stress and
mechanisms of anoxia tolerance in turtle
Energy metabolism in the vertebrate brain
Neuronal communication is an energetically expensive process. This is particularly evident in
human brain, which only comprises ~ 2% of the body’s weight yet accounts for ~ 20% of the
body’s resting metabolic rate (Mink et al., 1981). The high energetic demand of human brain is
largely the result of neuronal communication between an estimated 80-100 billion neurons with ~
7000 synaptic connections each (Pakkenberg et al., 2003; Azevedo et al., 2009). The energetic
cost by signalling mechanisms at chemical synapses can be broadly divided between the
presynaptic and postsynaptic adenosine triphosphate (ATP) requirements. Presynaptically, when
an action potential (AP) depolarizes a nerve terminal voltage-gated Ca2+ channels are activated
and the subsequent Ca2+ influx stimulates vesicle release. ATP is consumed by the Na+/K+ ATPase
which extrudes Na+ ions to return the membrane potential (Vm) to the resting potential of the cell,
and powers Ca2+ removal by the Na+/Ca2+ exchanger and Ca2+ ATPases (Howarth et al., 2012). In
addition, ATP is used to power synaptic vesicle exocytosis and endocytosis as well as for
neurotransmitter recycling which requires ATP-dependent ion pumping as well as metabolic
processing in astrocytes (e.g. conversion of glutamate to glutamine) (Attwell & Laughlin, 2001;
Harris et al., 2012). Postsynaptically, APs and postsynaptic potentials are produced by ion flux
through ion channels and ionotropic receptors, and ion concentration gradients are re-established
by ATPase pumps, co-transporters and exchangers. The maintenance of cellular ion concentration
gradients is achieved either directly or indirectly by the hydrolysis of ATP to adenosine
diphosphate (ADP), and in mammalian brain, it is estimated that the total ATP consumption
associated with the release of a single vesicle of glutamate is ~ 164,000 ATP molecules (Shulman
& Rothman, 2004). Reversal of the glutamate evoked Na+ and Ca2+ fluxes through postsynaptic Nmethyl-D-aspartate (NMDA) and non-NMDA receptors is particularly costly and has been
estimated to account for ~ 50% of ATP consumption at glutamatergic synapses (Harris et al., 2012;
Howarth et al., 2012).
The mitochondrion is a cellular organelle that serves as the power-house of the eukaryotic cell
(Lane, 2005); and in aerobic organisms, mitochondrial ATP production by oxidative
phosphorylation is essential for powering cellular processes and the maintenance of cellular
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function. In mammalian brain, sustained neuronal activity is dependent on a steady supply of ATP
and only aerobic energy pathways are capable of maintaining this level of ATP generation (Lutz
et al., 2003). In neurons, glucose is the preferred energy substrate although lactate and ketone
bodies can be oxidized for fuel (for review see Dienel, 2012). Neuronal activity is a major
consumer of glucose and accounts for ~ 25% of total body glucose utilization (Belanger et al.,
2011). To maintain mitochondrial electron transport the brain consumes ~ 20% of the total body
oxygen uptake (Clarke & Sokoloff, 1999), and ~ 95% of the ATP produced is through aerobic
glucose oxidation (Erecińska & Silver, 1994). Under aerobic conditions glucose is almost entirely
oxidized to CO2 and water resulting in little metabolic waste build up (Magistretti & Allaman,
2013). First, glucose is converted to pyruvate by the glycolytic pathway. This generates a net 2
ATP, 2 nicotinamide adenine dinucleotide (NADH) and 2 pyruvate molecules per glucose
molecule. Using endogenous glycogen as a glucose source rather than exogenous glucose results
in a net gain of one ATP (3ATP/glucosyl unit) but brain has limited glycogen reserves (Magistretti
& Allaman, 2013). Pyruvate is further oxidized in the tricarboxylic acid (TCA) cycle producing
an additional 8 NADH, 2 flavin adenine dinucleotide (FADH2) molecules, and 2 ATP. NADH and
FADH2 are then utilized as a source of electrons in the mitochondrial electron transport chain
(ETC) to generate a proton gradient by pumping H+ from the matrix to the inner mitochondrial
membrane space (Figure 1.3). The proton gradient is then coupled to ATP synthesis through the
ATP synthase and oxygen is used as the terminal electron acceptor of the ETC resulting in the
formation of water. The complete aerobic oxidation of one glucose molecule produces ~ 30 ATP
depending on the coupling efficiency of oxidative phosphorylation (Magistretti & Allaman, 2013).
Under aerobic conditions, mitochondrial ATP generation is sufficient to meet the metabolic
demands of AP generation, and neuronal signalling is efficient without accumulation of toxic
metabolic end-products (Senior, 1988).

Anoxic stress in the oxygen-dependent vertebrate brain
Oxygen deprivation compromises mitochondrial ATP generation and without a decrease in ATP
consumption aerobic animals are faced with an energy crisis (Staples & Buck, 2009). The
dependence of neuronal tissue on oxidative ATP supply means that even brief periods of hypoxia
(insufficient oxygen for normal metabolic processes), or anoxia (partial pressure of oxygen (PO2)
= 0 mmHg) can result in neuronal damage and cell death (Siesjo, 1978; Lutz et al., 2003). In brain,
local oxygen reserves are limited and are consumed within seconds of anoxia (Hansen, 1985), and
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local glycogen stores in astrocytes are minimal and cannot support prolonged neuron function
(Magistretti & Allaman, 2013). Therefore, brain depends on a constant supply of oxygenated blood
and glucose to maintain neuronal signaling. Under anoxic conditions, without oxygen to accept
electrons from cytochrome c oxidase (complex IV of the mitochondrial ETC), electron transfer
along the ETC is prevented and the proton gradient is diminished resulting in inhibition of
oxidative phosphorylation and aerobic ATP production. Cellular reserves of high energy
phosphates are limited and can only maintain normoxic ATP consumption rates for ~ 20 seconds
(Lutz et al., 2003). To preserve intracellular [ATP] ([ATP]i) and maintain neuron function the rate
of anaerobic glycolysis must increase ~ 10-fold, a process known as the Pasteur effect (Dixon,
1937). This high rate of anaerobic ATP generation is unsustainable and anaerobic glycolysis can
only support neuronal ATP demand for a few minutes before decreases in [ATP]i and accumulation
of toxic glycolytic end products. Cell death occurs though a catastrophic cascade of events termed
excitotoxic cell death (ECD) which is characteristic of brain damage due to cerebral stroke or
whole brain anoxia due to cardiac failure (Lipton, 1999).

Anoxia-induced excitotoxic cell death in mammalian neurons
Calcium is an important signalling molecule in eukaryotic cells; and therefore, in intracellular
[Ca2+] ([Ca2+]i) is maintained at low levels (~ 100 nM free) (Jackson & Redman, 2003; Williams
et al., 2013). This is primarily achieved by plasma membrane Ca2+ ATPases (PMCA) and smooth
endoplasmic reticular (SERCA) transporters (Rizzuto & Pozzan, 2006). Ca2+ is also taken up into
the mitochondria through the mitochondrial Ca2+ uniporter or moved across the plasma membrane
by Na+/Ca2+ and the Na+/Ca2+-K+ exchangers that harness the Na+ gradient set up by
Na+/K+ATPase activity. This creates an ~ 20,000-fold [Ca2+]i gradient (Ca2+ reversal potential
(ECa) ~ +150 mV) between intracellular and extracellular compartments, and this allows for fast
Ca2+ signaling cascades which are integral for neuron function and communication (Clapham,
2007). Signaling cascades initiated by increases in [Ca2+]i can broadly activate Ca2+ binding
proteins, however, the actual Ca2+ signal tends to be restricted to local changes due to endogenous
buffers surrounding Ca2+ entry points (Clapham, 2007). Changes in local but not global [Ca2+]i
permits the faithful initiation of Ca2+-mediated signals but this is contingent on Ca2+ extrusion
from the cytosol after the signal occurs. Any process that disrupts the proper distribution of [Ca2+]i
risks over activating Ca2+- sensitive proteins which has disastrous consequences.
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Figure 1.1. Flow chart outlining events associated with excitotoxic cell death in anoxia-intolerant

vertebrate neurons.
Red boxes indicate major sources of calcium entry into the cytosol and blue boxes indicate additional
effects of oxygen deprivation on presynaptic nerve terminals and glial cells.
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In mammalian brain, more than 2 minutes of oxygen deprivation decreases [ATP]i to less than
15% of normoxic levels, and results in failure of ATP-driven ion transport (Lipton, 1999). Without
Na+/K+ ATPase activity the Na+ and K+ concentration gradients collapse, resulting in
depolarization of Vm and over-activation of voltage-gated Na+ channels (Hansen, 1985; Anderson
et al., 2005). This process is termed anoxic depolarization (AD) and it results in electrical hyperexcitability and a drastic increase in [Ca2+]i due to: 1) over activation of voltage-gated Ca2+
channels (Cav), 2) inhibition of Ca2+ ATPase pumps and Ca2+ release from endoplasmic reticulum
(ER) stores, and 3) mitochondrial Ca2+ release as a result of depolarization of the mitochondrial
membrane potential (Ψm) (Koopman et al., 2006). In addition, [Ca2+]i cannot be removed because
Ca2+ extrusion mechanisms are dependent on ATP and the Na+ gradient (Stys et al., 1991;
Besancon et al., 2008). Membrane depolarization and [Ca2+]i accumulation enhance the release of
amino acid neurotransmitters, including excitatory vesicular glutamate release. This is particularly
damaging because ~ 80% of synapses in brain are glutamatergic (Braitenberg & Schüz, 1998;
Brady et al., 2005), which leads to activation of NMDA and alpha-amino-3-hydroxy-5-methyl-4isoxazolepropionic acid (AMPA) receptors and hyperexcitability in synaptically connected and
nearby neurons (Choi, 1992). Under aerobic conditions excess synaptic glutamate is rapidly
cleared from the synaptic cleft by Na+ coupled glutamate uptake transporters (Danbolt, 2001;
Boudker et al., 2007; Jiang & Amara, 2011); however, under anoxic conditions glutamate uptake
is reduced or even reversed further activating glutamate receptors (Abele et al., 1990; Rossi et al.,
2000). The end result is a massive derangement of ion concentration gradients which leads to Ca2+mediated over activation of proteases, lipases, phosphatases, and endonucleases that directly
damage cell structure and induce necrotic cell death (Figure 1.1) (Hansen, 1985; Choi, 1992;
Arundine & Tymianski, 2004).

Anoxia-tolerant adaptations in painted turtle
As discussed above, mammals and most air-breathing vertebrates are dependent on a continuous
supply of oxygen because they cannot survive without aerobically derived ATP. Anoxia-intolerant
mammals attempt to maintain normoxic ATP turnover rates by up-regulating physiological
mechanisms to optimize extraction of oxygen and maintain oxidative ATP production (e.g.,
hyperventilation and tachycardia). Hypoxia tolerant mammals and birds such as deep sea diving
seals and penguins have specialized adaptations including: stores of oxygenated erythrocytes and
elevated hemoglobin and myoglobin levels to increase body oxygen stores for long dives
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(reviewed in Ponganis et al., 2011). These adaptations however, will not protect against prolonged
anoxic stress since oxygen stores will eventually need to be replenished. Two of the most hypoxiatolerant mammals are the naked mole rat (Heterocephalus glaber) and the arctic ground squirrel
(Spermophilus parryii). These animals can survive severe hypoxia because of their ability to
depress metabolism; however, these species cannot survive more than 30 min of sustained anoxia
(Drew et al., 2004; Larson & Park, 2009). In contrast, there is an exceptional group of vertebrates
classified as facultative anaerobes that have the ability to withstand prolonged periods of anoxia.
Facultative anaerobes are organisms that produce ATP by aerobic respiration when oxygen is
present, but have the capacity to survive on anaerobically derived ATP when oxygen is absent.
There are only a few true vertebrate facultative anaerobes and it is a select group of freshwater
turtles and cyprinid fish that are the best characterized. These include the painted turtles
(Chrysemys picta) and red eared sliders (Trachemys scripta) and the common carp (Carassius
carassius) and goldfish (Carassius auratus) (Lutz et al., 2003; Bickler & Buck, 2007). These
species have evolved the ability to withstand days to months of severe hypoxia or anoxia while
overwintering under ice covered water bodies (Nilsson & Renshaw, 2004; Bickler & Buck, 2007).
The following section will focus on adaptations that allow the painted turtle to withstand prolonged
anoxia
Painted turtles overwinter for months in ponds and lakes where seasonal ice cover insulates the
water from fluctuations in temperature and prevents freezing with water temperatures of ~ 3°C. In
the winter the water becomes progressively more hypoxic because ice cover prevents atmospheric
oxygen from penetrating the water and decomposition of plant material creates a eutrophic
environment (Ultsch, 1989; Jackson, 2000). To survive decreasing oxygen levels turtles have
evolved a number of adaptations. Under aerobic conditions, turtles acquire oxygen primarily
through pulmonary respiration; however, they also have the capacity to absorb oxygen
cutaneously, and in severely hypoxic water they can even take up sufficient amounts of oxygen to
maintain oxidative ATP production (Koopman et al., 2006). Conventionally, turtles were thought
to be inactive while overwintering: however, recent studies have determined that they remain
active under the ice and likely move to areas with higher PO2 levels (Rollinson et al., 2008). This
would enable oxidative ATP generation, reduce metabolic acidosis, and prevent substrate
(glycogen) depletion, and this indicates that under natural conditions turtles may only be subjected
to limited anoxia (~ 2-3 months). Regardless of the natural activity of overwintering turtles, they
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have been shown to survive on average 4 months of complete anoxia at 3 °C in the laboratory and
up to 6 months in extreme cases (Jackson & Ultsch, 1982)
Painted turtles have evolved a number of protective mechanisms to avoid damage to organs and
tissues under anaerobic conditions. Excessive reactive oxygen species (ROS) generation can lead
to oxidative damage of lipids and protein and deoxyribonucleic acid (DNA). Transition to
anoxia/hypoxia and in particular reoxygenation leads to elevated [ROS] which can overwhelm
antioxidant defense mechanisms and is a major component of cell damage in anoxic/ischemic
mammals (Warner et al., 2004). To avoid ROS damage freshwater turtles express a variety of
constitutively active antioxidant enzymes, including catalase, superoxide dismutase (SOD) and
alkyl hydroperoxide reductase (Willmore & Storey, 1997a). Furthermore, turtle organs have higher
levels of the antioxidant peptide glutathione compared to mammals (Willmore & Storey, 1997b),
and the antioxidant ascorbic acid is 2-3 times higher in turtle than in mammal brain (Rice et al.,
1995). In addition, a variety of molecular chaperones, stress responsive transcription factors and
pro-survival proteins are naturally upregulated or constitutively active in turtle tissues to maintain
functional proteins or prevent against anoxic damage (reviewed in Krivoruchko & Storey, 2010).
Together these endogenous protective mechanisms endow turtles with the ability to survive longterm anoxia and make them the most anoxia-tolerant air breathing vertebrate species known.

Metabolic depression as a strategy for surviving long-term anoxia
Under anaerobic conditions, ATP synthesis decreases to ~ 10% of aerobic levels due to inhibition
of oxidative phosphorylation (Koopman et al., 2006). In mammals normoxic metabolic rates are
maintained during hypoxia by up-regulating anaerobic energy production. This is only a short term
solution that rapidly results in a decrease in [ATP]i, tissue and blood acidosis and depletion of
glycogen stores (Koopman et al., 2006). In stress tolerant organisms, including mammals, fish,
reptiles and insects, a common response to oxygen deprivation or hypothermia is a decrease in
metabolic rate (Guppy & Withers, 1999). To explain this phenomenon, Peter Hochachka proposed
the metabolic arrest hypothesis which suggests that during periods of hypoxia and/or hypothermia,
decreases in ATP consumption must accompany decreased ATP production to maintain substrate
stores and ionic homeostasis (Hochachka, 1986). This hypothesis remains valid today and the
following section will outline some of the important supporting evidence from turtle studies.
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An important component of the turtles overwintering strategy is to take advantage of the naturally
depressive effects that cold temperatures have on metabolic rate (Herbert & Jackson, 1985). This
approach is very effective, and laboratory studies have demonstrated that the combination of
anoxia and cold temperatures (3°C) results in a 90% decrease in whole body metabolic rate
(measured by calorimetry) (Jackson, 1968). Typical physiological responses to a decrease in PO2
and temperature in turtle include: a decrease in heart rate from 30 beats/min at 20 °C to ~ 1 beat/10
min at 3 °C (Herbert & Jackson, 1985), and a greater than 90% decrease in heat output or metabolic
rate in hepatocytes (Buck et al., 1993), brain (Doll et al., 1994), and the whole animal (Jackson,
1968). Metabolic depression is in part due to suppression of non-essential energy consuming
processes, including protein turnover (~ 90%) and urea synthesis (~ 74%) (hepatocyte; Land et al.,
1993). Turtles are ectotherms and thermally conform to ambient temperature. Because of this they
have metabolic rates that are 10-20% lower than that of a similar sized mammal at warm
temperatures (> 20 °C) (Bennett & Ruben, 1979). As temperatures decrease metabolic rate
decreases even further, typically ~ 2 to 3 fold per 10 °C decrease in temperature (Q10 = 2-3)
(Jackson, 2002). In addition, at temperatures below 15 °C turtles have an exaggerated Q10 effect
which peaks at a Q10 = 8.5 at 3 °C (Herbert & Jackson, 1985). Thus, low temperatures significantly
depress metabolic rate and is a noteworthy component of the turtles overwintering strategy. Indeed,
the importance of temperature to metabolic depression is supported by field studies which
determined that turtles move to colder areas when water PO2 decreases (Rollinson et al., 2008).
One reason cold temperatures have a depressing effect on metabolic rate is because lipid
membranes become more rigid at cold temperatures and this restricts membrane protein movement
and enzyme reaction rates (Hazel, 1995). In the anoxia-tolerant crucian carp even mildly cold
temperatures (15 °C) significantly decrease plasma membrane bound Na+/K+ ATPase activity
(Vornanen & Paajanen, 2006), demonstrating the important energy savings that cold temperatures
can provide under anoxia conditions. Cytosolic enzyme activity is also directly affected by cold,
and in turtle white muscle a decrease in temperature from 20 to 6 °C causes a ~ 60-70% reduction
in the activity of the enzyme phosphofructokinase (PFK) (Brooks & Storey, 1990). A major benefit
of the depressing effect of cold temperatures on metabolic rate in overwintering turtles is that it
prevents the rapid consumption of glycogen and associated lactic acidosis during anoxia and
extends survival times (Herbert & Jackson, 1985). It is possible that reduced PFK activity is a
component of this because PFK regulates glycolytic rate and reduced activity will help maintain
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glycogen stores. When submerged under water at 20 °C the turtle’s anoxic survival time is
shortened by ~ 200 times (Herbert & Jackson, 1985; Jackson, 2002); indicating that low
temperatures are indeed an important component of their anoxic survival strategy. However, even
at these warmer temperatures turtles are still able to survive anoxia 1000-10,000 times longer than
a typical vertebrate (Bickler & Buck, 2007). In warm acclimatized turtles (20-24°C) anoxia alone
induces an ~ 85% decrease in whole body metabolic rate (calorimetry) (Herbert & Jackson, 1985).
In isolated brain sheets, anoxia or cyanide (inhibitor of oxidative phosphorylation) decrease
metabolic rate by ~ 40-50 % at 25 °C (calorimetry); indicating that there are tissue level
mechanisms that depress metabolic rate in brain (Doll et al., 1994). This demonstrates that in
anoxic turtles in addition to temperature-mediated effects on metabolic rate there are temperatureindependent mechanisms that contribute to depression of metabolism and the ability of all
metabolic needs to be met by anaerobic metabolic pathways.
In contrast to intolerant mammals, the painted turtle defends [ATP]i during anoxia, and metabolic
needs can be sustained exclusively by glycolytic pathways (Jackson, 2002). However, glycolytic
ATP production still consumes significant amounts of glucose, even at a severely reduced
metabolic rate (Koopman et al., 2006). To preserve glycogen and prolong anoxic survival, turtles
undergo a large-scale reversible reduction in cellular energy turnover to levels sustainable by
anaerobic energy production alone. Anoxic maintenance of [ATP]i is contingent on a steady supply
of the glycolytic substrate glucose. To provide sufficient substrate for long-term anoxic survival
turtles amass large amounts of glycogen in the liver (~ 900 µmoles.g-1 wet weight liver)
(Hochachka & Somero, 1984). Turtle liver is ~ 15% glycogen by mass which is ten times the
capacity of the rat, highlighting the importance of turtle glycogen stores during anoxia (Clark &
Miller Jr, 1973). Indeed, after 4 hours of anoxia blood [glucose] increases ~ 10-fold, supplying
organs and tissues with low endogenous glycogen stores (e.g., brain) with an essential supply of
glucose (Ramaglia & Buck, 2004). Even with a decreased metabolic rate glycolysis results in a
significant increase in the production of glycolytic end products during long-term anoxia (e.g.,
lactate, H+). As a primary defense against anoxia-mediated acidosis turtle blood has a large
buffering capacity due primarily to high blood plasma [bicarbonate] ([HCO3-]) levels (~ 40 mmol.l1

) (Nicol et al., 1983; Herbert & Jackson, 1985). To aid in removal of these acidic anaerobic end

products cerebral blood flow is also increased during anoxia (Bickler, 1992; Hylland et al., 1994).
However, eventually plasma buffering mechanisms are overcome and during anoxia blood lactate
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can increase from 1 to 200 mmol.l-1 and pH decrease from 8 units to < 7 units over 3 months
submerged in cold (3 °C) anoxic water (Ultsch & Jackson, 1982). To withstand accumulation of
lactate and [H+] in blood and tissue, a unique proton consuming plasma buffering system that
utilizes Ca2+ carbonates from shell and bone to reversibly sequester lactate in shell and bone has
evolved in the turtle (Warren & Jackson, 2008).

Channel arrest as a strategy for surviving long-term anoxia
Electrically active cells, such as neurons, face additional challenges during anoxia due to the high
metabolic cost of AP generation. In brain, it is estimated that ~ 50% of the total energy
consumption following AP generation is used to re-establish ion concentration gradients. The
primary consumer of ATP following AP generation is the Na+/K+ ATPase which re-establishes
Na+ and K+ gradients by pumping three Na+ out of the cell and two K+ into the cell against their
concentration gradients for every ATP hydrolyzed (Howarth et al., 2012; Yu et al., 2012). In
anoxia-intolerant brain ion pumping cannot be sustained by anaerobic glycolysis primarily due to
the high energetic requirements of the Na+/K+ATPase, highlighting the importance of this ion
pump to neuron function. Maintenance of ionic gradients is also important in turtle, as evidenced
by studies of Na+/K+ ATPase activity in liver, in which ion pumping was determined to consume
30% of the total ATP turnover during normoxia and up to 75% of total ATP turnover during anoxia
(Buck & Hochachka, 1993). Maintenance of the Na+ electrochemical gradient is therefore a
priority in the anoxic turtle brain and indicates an important area in which energy can be saved.
One mechanism to reduce the cost of maintaining electrochemical gradients is a decrease in ion
movement through ion channels, termed channel arrest (Hochachka, 1986). Reptile membranes
are endogenously ~ 5-fold less permeable to Na+ and K+ than mammal/endotherm membranes in
animals of a similar size at the same temperature (Else & Hulbert, 1987), providing them with an
natural advantage under anaerobic conditions. However, in anoxic turtle brain there is an additional
decrease in membrane permeability following transition to anoxia. Evidence supporting channel
arrest in turtle brain includes, a 42% decrease in voltage-gated Na+ channel density as determined
by [3H]brevetoxin-binding assays (Pseudemys scripta) (Perez-Pinzon et al., 1992a) and a 70%
decrease in K+ leakage during anoxia, suggesting inhibition of K+ channels (Trachemys scripta)
(Chih et al., 1989; Pék & Lutz, 1997).
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In the anoxic mammalian brain, extracellular glutamate accumulates within minutes resulting in
over-activation of glutamate receptors, further promoting neuronal hyperexcitability (Koopman et
al., 2006). In contrast, in turtle brain extracellular [glutamate] is maintained at basal levels for at
least 5 hours of anoxia (Nilsson & Lutz, 1991). This is achieved through inhibition of activitydependent vesicular glutamate release and the maintenance of glutamate uptake transporters early
in anoxia (0-1.5 hours) (Thompson et al., 2007a). In addition to decreased glutamate release,
postsynaptic glutamate receptor activity is also decreased. In pyramidal neurons of the
cerebrocortex, anoxia leads to a 65% decrease in NMDA receptor open probability (Popen) after 60
minutes of anoxia (Buck & Bickler, 1998). Whole-cell NMDA receptor currents decrease by 4565% following only 30 minutes of anoxia (Shin & Buck, 2003; Pamenter et al., 2008a; Pamenter
et al., 2008c) and a reduction in whole-cell AMPA receptor currents by as much as 50-60%
(Pamenter et al., 2008b; Zivkovic & Buck, 2010). One possibility for the acute reduction in NMDA
receptor currents during anoxia is receptor internalization. This has not directly been assessed in
pyramidal neurons; however, the relative abundance of the NR1 subunit in the membrane fraction
of whole brain homogenates remains unchanged until after 3 days of anoxia, suggesting that
regulation of NMDA receptors by subunit expression occurs only during prolonged anoxia
(Bickler et al., 2000). This evidence indicates that in anoxic turtle pyramidal neurons there is an
endogenous oxygen sensor that initiates an acute neuroprotective signalling mechanism that causes
channel arrest of excitatory glutamate receptors and prevents excessive Ca2+ influx (see below for
mechanism).

Spike arrest as a strategy for surviving long-term anoxia
In resting brain, ~ 80% of the ATP turnover is consumed by processes associated with AP firing
and cycling of -amino butyric acid (GABA) and glutamate neurotransmitters (Shulman et al.,
2004). Therefore, suppression of electrical activity (e.g., AP firing) during periods of low oxygen
is an effective neuroprotective strategy to conserve [ATP] i. In anoxic turtle brain, in addition to
channel arrest there is a significant decrease in electrical excitability, termed spike arrest (PerezPinzon et al., 1992a). Evidence supporting spike arrest in turtle brain includes a 75 - 95 %
suppression of whole brain electrical activity which involves reductions in transmembrane
potentials, Na+ spike thresholds and AP frequency (APf) (Perez-Pinzon et al., 1992a; Perez-Pinzon
et al., 1992b; Fernandes et al., 1997). In anoxic turtle (C.picta, Trachemys scripta elegans) and
fish (C. carassius, C. auratus) brain, the inhibitory neurotransmitter GABA is rapidly elevated 80-
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fold during anoxia (Nilsson & Lutz, 1991; Hylland & Nilsson, 1999), indicating that this is the
likely cause of electrical suppression in these species. In contrast, in ischemic mammalian neurons
[GABA] is elevated only ~30%, GABA receptor subunit mRNA expression is decreased and
GABA-evoked currents run down quickly, indicating GABAergic signaling is not neuroprotective
(Erecinska et al., 1984; Li et al., 1993). This indicates a divergent and important role for
GABAergic mechanisms during anoxic insult in turtle brain.

GABA-mediated inhibition
GABAergic interneurons have been identified in turtle cerebrocortex and the massive increase in
striatal [GABA] under anoxic conditions emphasizes the importance of this inhibitory mechanism
to anoxic survival. Understanding how GABA acts to suppress electrical activity in the anoxic
turtle brain will be key to elucidating the underlying mechanisms of spike arrest. Since GABAergic
neurotransmission is best characterized in mammalian brain, the following section will outline
mechanisms of GABAergic inhibition in the mammal.

GABA
GABA is a highly conserved amino acid, it is the primary inhibitory neurotransmitter in vertebrate
brain and an estimated 20-30% of the neurons in the mammalian central nervous system (CNS)
are GABAergic (Rudolph & Knoflach, 2011). GABA is synthesized in vivo by a metabolic
pathway termed, the GABA shunt (not to be confused with GABAergic shunting inhibition, see
below) (reviewed in Olsen et al., 1999). GABA is produced in the mitochondria primarily from
glucose, although pyruvate, other amino acids, and fatty acids can act as precursors. The first step
is the transamination of α-ketoglutarate by GABA α-oxoglutarate transaminase (GABA-T) into Lglutamic acid. Glutamic acid decarboxylase (GAD) next catalyzes the decarboxylation of glutamic
acid to form GABA. To complete the cycle GABA is metabolized by GABA-T to form succinic
semialdehyde which can then be oxidized by succinic semialdehyde dehydrogenase into succinic
acid and enter the Krebs cycle. Following vesicular GABA release into the synapse, GABA is
removed from the synapse by surrounding glial cells and presynaptic nerve terminals by GABA
uptake transporters (GATs). GATs are capable of bidirectional GABA transport which is
dependent on the Na+ and Cl- gradients (Borden, 1996). GABA taken up into the presynaptic nerve
terminal can be reutilized, but GABA taken up into glia is metabolized into succinic semialdehyde
and cannot be resynthesized in glia because they lack the enzyme GAD. GABA in glia is converted
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into glutamine which is shuttled back into GABAergic neurons. Glutamine is then converted into
glutamate and re-entered into the GABA shunt. This metabolic process serves the purpose of
producing and conserving GABA.

GABA receptors
Vesicular GABA release activates two main types of receptors; type A ionotropic GABA receptors
(GABAA receptors) and type B metabotropic GABA receptors (GABAB receptors). GABAA
receptors are ligand-gated heteropentameric transmembrane ion channels, and are structurally
similar to the superfamily of Cys loop-type channels that includes the nicotinic acetylcholine, 5HT3 (sertonin) and strychnine-sensitive glycine receptors. These ion channels conduct Cl- and
bicarbonate at an ~ 4:1 ratio, and they are the primary mediator of fast synaptic inhibition in the
vertebrate brain (Kaila, 1994). To date, 19 GABAA receptor subunits (α1–6, β1–3, γ1–3, δ, ε, θ, π
and ρ1–3) have been identified in the mammalian CNS (Ben-Ari et al., 2007; Rudolph & Knoflach,
2011). The molecular composition of GABAA receptors has important functional consequences as
it determines the properties, pharmacological modulation and targeting of native receptors; and
therefore, the large diversity of GABAA receptor subunits indicates these receptors play a variety
of roles in brain (Ben-Ari et al., 2007). The common adult isoform is composed of 2α1, 2β2 and
1γ2 subunits (Sigel & Steinmann, 2012) and the GABA binding site lies at the interface of α- and
β- subunits therefore, two GABA molecules are required to fully activate the receptor.
Pharmacological agonists include muscimol and isoguvacine, and these sites are antagonized by
gabazine and bicuculline, and picrotoxin is a non-competitive antagonist that directly blocks ion
flux by binding within the chloride channel. GABAA receptors are positively modulated by
benzodiazepines that bind to a separate high affinity binding site located at the α/γ interface (Figure
1.2A) (Sigel & Steinmann, 2012).
GABAA receptors are classified into two fundamentally distinct types of receptors, synaptic and
extrasynaptic receptors that mediate phasic and tonic inhibition, respectively (Figure 1.2). The γ2
subunit is required for the synaptic clustering of GABAA receptors and receptors with these
subunits typically exhibit fast kinetics, low sensitivity to GABA, and rapid desensitization (Essrich
et al., 1998). This enables them to conduct fast inhibitory postsynaptic events, typical of phasic
inhibition (Brickley et al., 1999). Phasic (synaptic) GABA neurotransmission is involved in setting
the temporal window for synaptic integration (e.g., eliciting an AP) and synchronization of
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network oscillation (Cobb et al., 1995; Pouille & Scanziani, 2001). Tonic inhibition is mediated
by extrasynaptically located GABAA receptors containing an α5 or δ subunit instead of a γ subunit
(Bright & Smart, 2013). These receptors exhibit a higher sensitivity to GABA which allows them
to respond to ambient levels of GABA and generate a persistent, tonic current. Tonic currents
increase membrane permeability to Cl- and therefore, have the ability to alter neuronal gain and
firing threshold and regulate neuronal excitability (Mitchell & Silver, 2003; Semyanov et al.,
2004). There is accumulating evidence supporting a phasic slow type of GABAA receptor-mediated
inhibition that is activated by transmitter spillover onto perisynaptic located GABAA receptors
(GABAA,slow receptor) (reviewed in Capogna & Pearce, 2011). While the exact role of these
currents is unknown, it is thought that GABAA,slow currents are involved in modulating synaptic
plasticity by inhibiting NMDA receptors and the generation of slow network oscillations (Kanter
et al., 1996; Kapur et al., 1997).
GABAB receptors are heterodimeric seven-transmembrane G-protein coupled receptors that inhibit
neurotransmitter release presynaptically, and hyperpolarize Vm postsynaptically (Kornau, 2006).
Activation of presynaptic GABAB receptors reduces neurotransmitter release by inhibiting Ca2+
influx through voltage-gated Ca2+ channels, by decreasing adenylate cyclase production of cAMP
which prevents vesicle fusion, and by directly inhibiting the SNARE complex (soluble Nethylmaleimide-sensitive factor attachment protein receptor) required for vesicle fusion (reviewed
in Gassmann & Bettler, 2012). GABAB receptors have been found to be widely expressed on
presynaptic nerve terminals surrounding dendritic spines of glutamatergic neurons suggesting they
exert control of excitatory signalling (Kornau, 2006). Postsynaptically, activation of GABAB
receptors results in a slow hyperpolarization of Vm towards the K+ reversal potential (~ -90 mV),
and induces shunting inhibition that can decrease neuronal excitation (Otmakhova & Lisman,
2004). GABAB receptor-activated Gα-proteins also differentially modulate adenylate cyclases
resulting in changes in local 3'-5'-cyclic adenosine monophosphate (cAMP) concentrations
(Hashimoto & Kuriyama, 1997; Simonds, 1999). This can regulate cAMP-dependent kinases
which modulate various channel activities (Gerber & Gahwiler, 1994).
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Figure 1.2. Three types of GABAA receptors mediate inhibition.
A) Typical GABAA receptors are heteropentameric Cl- permeable channels composed of five subunits from
seven subfamilies (α, β, γ, δ, ε, θ, π); BZ indicates the site sensitive to benzodiazepines, figure adapted from
Jacob et al., 2008. B) Schematic of three types of postsynaptic GABA receptors; synaptic - GABAA,fast,
perisynaptic - GABAA,slow, and extrasynaptic -GABAA,tonic receptors. C) Characteristics of GABAA,fast,
GABAA,slow, and GABAA,tonic receptors; details from Banks & Pearce 2000, Bright & Smart, 2013, and
Capogna & Pearce, 2011).
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In mature mammalian brain, extracellular [Cl-] ([Cl-]e) is higher than the intracellular [Cl-] ([Cl-]i)
due to the higher relative activity of the Cl- extrusion transporter KCC2 (K+/Cl- cotransporter)
compared to the major Cl- uptake transporter NKCC1 (Na+/K+/Cl- cotransporter) (Rivera et al.,
1999). The reversal potential for GABA (EGABA) is ~ -75 mV, and is more depolarized than the Clequilibrium potential (ECl; ~ -85 mV) due to the influence of the more depolarized HCO3equilibrium potential (EHCO3; ~ -20 mV) (Kaila et al., 1993; Lambert & Grover, 1995). GABAA
receptor-mediated inhibition can occur through two different mechanisms dependent on the
electrochemical gradients of Cl- and HCO3-. The classic mode of GABAergic inhibition is
dependent on an EGABA that is hyperpolarized relative to Vm, and involves receptor activation, Clinflux down its electrochemical gradient, and subsequent Vm hyperpolarization away from resting
values (~ -70 mV in mammal neurons) (Kaila, 1994; Williams et al., 2004b). Therefore, GABAA
receptor-mediated inhibition opposes excitatory inputs (e.g., glutamatergic excitation) by
hyperpolarizing Vm away from AP threshold (APth) (spike threshold). The second mode of
inhibition is shunting inhibition (Koch & Poggio, 1983; Koch et al., 1983), and occurs when EGABA
is equal to or depolarized compared to Vm. Inhibition results from an increase in membrane
permeability to Cl- and shunting of depolarizing input (Koch & Poggio, 1983; Qian & Sejnowski,
1990; Staley & Mody, 1992). GABAA receptor-mediated shunting inhibition reduces excitability
by increasing the Cl- conductance across the plasma membrane which counters excitatory inputs,
preventing Vm depolarization past EGABA (Ben-Ari et al., 2007; Rudolph & Knoflach, 2011).
GABA-mediated signalling is an essential component of neuronal inhibition and the large increase
in turtle brain [GABA] suggests that this inhibitory signalling pathway plays an important role in
preventing over-excitation under anoxic conditions. In anoxic/ischemic mammal brain
GABAergic inhibition is not maintained (Li et al., 1993; Schiene et al., 1996) indicating an
important difference between mammals and turtles, and a likely contributing factor to the anoxiaintolerance of mammal brain. If we are to implement endogenous anoxia-tolerant mechanisms
learned from the study of turtle brain to prevent ECD in mammals it is necessary that we
understand not only the mode of GABA induced electrical inhibition but also the oxygen sensing,
and transducing mechanisms responsible for initiating this process.
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Mechanisms of oxygen sensing
The ability to sense changes in environmental oxygen is a fundamental biological process critical
for adaptation of living organisms to habitats and physiological situations which encounter variable
oxygen levels. A number of specialized tissues are known for their ability to transmit acute
responses to decreases in local oxygen tension to the CNS. Most prominent are carotid body
glomus (type I) cells, pulmonary artery smooth muscle cells (PASMCs), and neuroepithelial bodies
(NEBs) (reviewed in Ward, 2008). Glomus cells respond to decreases in arterial PO2 by stimulating
ventilation and thereby increasing oxygen uptake (Lopez-Barneo et al., 1988). Pulmonary arteries
constrict under hypoxic conditions (hypoxic pulmonary vasoconstriction; HPV) leading to
optimization of ventilation-perfusion matching and gas exchange in the lung, while systemic
arteries dilate, leading to increased oxygen delivery to surrounding tissue (Sylvester et al., 2012).
Neuroepithelial bodies (NEBs), which are clusters of neuroendocrine cells located in airway
branching points, release neurotransmitters in response to hypoxia; and therefore, likely sense
airway oxygen levels (reviewed in Kemp et al., 2002). The cellular and molecular mechanisms
underlying the sensing and transduction of body hypoxia/anoxia varies between tissues. Anoxia
induces changes in a variety of potential intracellular signals including: [O2], [H+], [CO2], [ROS]
and [ATP]. One or a combination of these molecules could be involved in the physiological
response to low oxygen. A number of promising oxygen sensing candidate mechanisms have been
proposed including: mitochondria (Chandel & Schumacker, 2000; López-Barneo et al., 2001;
Wyatt & Buckler, 2004), adenosine monophosphate (AMP)-activated kinase (Wyatt et al., 2007),
and haemoxygenase-2 (Williams et al., 2004a); however, none can fully reconcile all the data
accumulated over the past two decades. A common factor in the transduction of hypoxia in glomus
cells and NEBs is the inhibition of K+ channels, Vm depolarization and activation of voltage-gated
Ca2+ channels resulting in the Ca2+-mediated release of neurotransmitters (López-Barneo et al.,
2001). However, the situation is different in other oxygen sensitive tissues including PMSCs,
where HPV is likely the result of Ca2+ entry from voltage dependent and independent sources and
Ca2+ release from ryanodyne-sensitive stores (Aaronson et al., 2006). Together this indicates that
there might not be a unique oxygen sensing system within each cell type and implies that there
might be multiple redundant mechanisms to ensure cellular function is not compromised during
low oxygen stress. In general, oxygen sensing mechanisms can be divided between those
dependent on disruption of oxygen-dependent synthesis or degradation of mediators (e.g., NADPH
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oxidases, heme oxygenases and hypoxia inducible factors) and those dependent on disruption of
mitochondrial function and energy state (reviewed in Kemp, 2006; Ward, 2008). A variety of
mechanisms are likely involved in neuroprotection in turtle; however, since mitochondria are
involved in the anoxic response in turtle brain (see below) and the studies presented in this thesis
investigate mitochondrial mechanisms of oxygen sensing, the following section will focus on the
effects of disruption of mitochondrial function under anoxic conditions.

Mitochondria as oxygen sensors
Cyanobacteria appeared ~ 3 billion years ago and were the first organisms to use photosynthesis
and convert light energy into a stable/storable high energy biochemical molecule (Canfield, 2005).
As a by-product of the photosynthetic pathway, these organisms released oxygen which
accumulated in the atmosphere over the next billion years. This subsequent rise in atmospheric
oxygen represents one of the most significant factors influencing the evolution of life on earth.
Until this point in earth’s history all life was anaerobic and the oxidizing environment presented a
toxic problem. However, ~ 1.8 - 1.45 billion years ago an endosymbiosis event occurred that
resulted in the precursor to the modern day mitochondrion (Martin & Mentel, 2010). It is currently
debated whether an anaerobic host cell engulfed a single-celled obligate anaerobe to detoxify
oxygen for the host or a facultative anaerobe to produce energy for the host or the obligate anaerobe
was an energy parasite; however, the end result was an extremely effective symbiotic relationship
that has powered life on earth for the last billion or so years.
Mitochondria are the largest consumers of oxygen in the cell, and without sufficient oxygen supply
they are unable to maintain proper function and generate ATP. This essential role of oxygen in
cellular metabolism along with their ability to function as signalling organelles led to the idea that
anoxia induced changes in mitochondrial function may serve as an oxygen sensing mechanism
(“mitochondrial model of oxygen sensing”) (Duchen, 1999; Lahiri et al., 2006). There is wide
consensus that inhibition of oxidative phosphorylation affects oxygen sensing in PAMSCs and
glomus cells (Chandel & Schumacker, 2000; López-Barneo et al., 2001; Wyatt & Buckler, 2004;
Weir et al., 2005); however, controversy still exists over the signalling mechanisms that link
mitochondrial function to their effectors. Two of the most prominent hypotheses of the
mitochondrial model of oxygen sensing involve changes in energy state of the cell, and cytosolic
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redox state/changes in ROS generation. To explain these hypotheses a brief explanation of
mitochondrial function is useful.
The citric acid cycle and β-oxidation of fatty acids generates NADH and FADH2, and these
reducing equivalents are oxidized by complex I and II, respectively, of the ETC in the inner
membrane layer of the mitochondria. Through redox reactions electrons are sequentially passed
from complex to complex down the ETC to oxygen, the terminal electron acceptor. Protons are
extruded at complexes I, III and IV resulting in generation of the Ψm and proton gradient (Δ pH)
which drives the F0F1 ATP synthase and ATP generation. A consequence of aerobic respiration
and a by-product of electron flux through the ETC is the generation of partially reduced and
reactive metabolites of O2 (i.e. superoxide (O2•-)), primarily at complex I and complex III (Figure
1.3) (Adam-Vizi & Starkov, 2010). Superoxide is rapidly dismuted into the more stable hydrogen
peroxide (H2O2) by cytosolic and mitochondrial superoxide dismutase (CnZnSOD and MnSOD,
respectively) (Adam-Vizi & Starkov, 2010). As much as 3% of the electrons moved through the
ETC can be lost this way (Turrens, 2003). Under anoxic conditions, the ETC will become more
reduced resulting in a buildup of upstream reducing equivalents, an increase in the ratio of reduced
glutathione (GSH) to oxidized glutathione disulfide (GSSG), and a more reduced intracellular
redox state. Under anoxic conditions mitochondrial ROS generation will stop; however, during the
transition to anoxia when there is accumulating electron donors and still some remaining oxygen
it is possible that there could be an increase in [ROS]i (Chandel & Schumacker, 2000). It is
important to mention that oxidative ATP generation would only be expected to decrease if Ψm and
proton Δ pH gradients decreased (Gnaiger, 2003).

Energy state hypothesis of mitochondrial oxygen sensing
Many studies in several tissues have demonstrated that inhibition of oxidative phosphorylation has
major effects on oxygen sensing. This led to the idea that changes in the energy state of a cell may
be the mechanism responsible for signaling changes in oxygen supply (“energy state hypothesis”)
(Ward, 2008). One mechanism through which cellular energy status can be sensed is by the activity
of AMP-activated protein kinase (AMPK). Under anoxic conditions, maintenance of [ATP] i is
supported by the adenylate kinase reaction which catalyzes the conversion of two molecules of
ADP to one molecule of ATP and one molecule of AMP. Without oxidative ATP the AMP/ATP
ratio increases and activates AMPK, a ubiquitous cellular
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Figure 1.3. Schematic of ROS metabolism and ATP generation in the mitochondria.
Through a series of redox reactions electrons (e-) donated from NADH (at NADH dehydrogenase; complex
I) and FADH2 (at succinate dehydrogenase; complex II) are transferred along the ETC to cytochrome c
oxidase (complex IV) where they are used to reduce O2 to water. This process pumps H+ out of the matrix
generating a H+ gradient that is coupled to ATP generation by the F1F0 ATP synthase. Superoxide (O2·-) is
produced from the leakage of electrons at multiple site in the ETC. The primary sites of O2·- generation are:
1) the flavin mononucleotide (FMN) center of complex I; 2) ubisemiquinone radical of the Q-cycle at the
Qo site of cytochrome bc1 complex (complex III); or 3) at the Qi sites of complex III. Superoxide is dismuted
to hydrogen peroxide (H2O2) by superoxide dismutase (SOD) in the matrix and intermembrane space (not
shown). H2O2 is reduced to water by catalase (CAT) or by a glutathione peroxidase (GPx). Anoxia or
cyanide (CN) inhibits cytochrome oxidase (complex IV). Abbreviations: Coenzyme Q10 (Q), Cytochrome
c (C), Glutathione (GSH), Glutathione disulfide (GSSG).
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energy sensor, which modulates a number of cellular functions under hypoxic conditions
including, ATP production/consumption, glucose uptake and glycolysis (Hardie et al., 2006). In
hypoxic mammalian glomus cells, AMPK has been linked to inhibition of K+ channels and
neurotransmitter release (Wyatt et al., 2007). In turtle tissues, AMPK activity is modulated by
anoxia and suppresses protein synthesis in white muscle (Rider et al., 2009), although a role for
AMPK in brain is currently unknown. However, in anoxia-tolerant crucian carp brain and heart,
anoxic exposure increased phosphorylation of AMPK and kinase inhibition increased ethanol
production, indicating metabolic stress (Stensløkken et al., 2008). Together this supports a role for
changes in mitochondrial ATP generation as a potential signal of low oxygen in anoxic turtle brain.
Another product of the enzymatic breakdown of ATP is adenosine which increases under
energetically stressful conditions by the 5’-nucleotidase-mediated hydrolysis of AMP. In anoxic
mammal and turtle this results in elevated intracellular and extracellular [adenosine] (Van Wylen
et al., 1986; Nillsson & Lutz, 1992; Lutz & Kabler, 1997). Adenosine is a protective
neuromodulator and an important signalling molecule in anoxic mammal and turtle brain.
Adenosine exerts its neuroprotective effects by activation of adenosine receptors on both the
presynaptic and postsynaptic membranes. In mammalian brain, activation of postsynaptic
adenosine receptors decreases neuronal excitability, and activation of presynaptic receptors
suppresses neurotransmitter release (Stone, 1981; Cunha, 2001). In turtle brain, anoxic increases
in adenosine activate postsynaptic adenosine receptors and have been linked to decreases in K+
channel and NMDA receptor currents (Pék & Lutz, 1997; Buck & Bickler, 1998).

Mitochondrial Ca2+ release is a neuroprotective signal in anoxic
turtle pyramidal neurons
Although [ATP]i remains relatively stable in anoxic pyramidal neurons (Buck et al., 1998), it is
likely that there are local decreases in [ATP] within and surrounding the mitochondria because
ATP synthesis is inhibited. An anoxic decrease in [ATP] could then act as a signal to alter function
of ATP-sensitive proteins and ion channels. The proton-motive force generated by the
mitochondria ETC results in a highly negative matrix potential (Ψm) (-150 mV to -180mV) which
leads to sequestration of Ca2+ within the matrix (Nicholls & Budd, 2000). Under normal
physiological conditions free matrix [Ca2+] is maintained at 0.3 to 1 μM, making the mitochondria
a major Ca2+ sink in the cell. Depolarization of mitochondrial Ψm leads to Ca2+ efflux (Nicholls &
Budd, 2000; Gunter et al., 2004); and therefore, one mechanism through which anoxic changes in
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mitochondrial energy state can initiate neuroprotective signalling cascades is through
depolarization of the mitochondria. A good example of mitochondrial Ca2+ release acting as a
signal of low oxygen is the Ca2+-mediated channel arrest of NMDA and AMPA receptors that
occurs in anoxic turtle pyramidal neurons. This mechanism could potentially be involved in other
neuroprotective cascades in anoxic turtle neurons so I will briefly outline our current channel arrest
hypothesis for NMDA and AMPA receptors (Figure 1.4) (reviewed in Hogg et al., 2014).
With the onset of anoxia oxidative phosphorylation is prevented and mitochondrial ATP
generation is inhibited. Mitochondrial ATP-sensitive potassium (mKATP) channels which are
located on the inner mitochondrial membrane and are normally inhibited by ATP open as a result
of decreases in local [ATP]. This causes depolarization of the mitochondrial Ψ m due to K+ influx
into the matrix and opening of the mitochondrial permeability transition pore (mPTP) in a low
conductance state, which leads to a moderate calcium release. We are not entirely certain how
mPTP is activated during anoxia; however, local pH (Halestrap, 1991) and adenylate phosphate
concentrations (Hunter and Haworth, 1979a) halve been demonstrated to regulate pore opening.
In addition, the relatively high intracellular pH in turtle pyramidal neurons (pH ~ 7.4) and
maintenance of [ATP]i near normoxic levels may be the reason behind activation of mPTP in a
low-conductance. Intracellular [Ca2+] increases ~ 10-20% (Oregon Green fluorescence; Pamenter
et al., 2008c; Hawrysh & Buck, 2013) from ~ 135 to 183 nM (Bickler, 1998), and this activates
calmodulin, which competitively antagonizes the binding of α-actinin-2 to the NMDA receptor,
resulting in Ca2+-dependent inactivation of NMDA receptors and delocalization from the synapse
via dissociation from the cytoskeleton.

Redox state and ROS hypothesis of mitochondrial oxygen sensing
Mitochondrial oxygen sensing mechanisms based on redox state and mitochondrial ROS
generation are linked to the effects of the hypoxic or anoxic inhibition of the ETC and
mitochondrial ROS generation, not to changes in [ATP]i. The Redox hypothesis of oxygen sensing
was developed by Weir and Archer to explain HPV in PASMCs under hypoxic conditions (Archer
& Michelakis, 2002). The rationale is that under hypoxic conditions oxidative phosphorylation
decreases [ROS]i and this leads to reduction of the ETC complexes and/or increase in intracellular
reducing equivalents (i.e. NADH) from the citric acid cycle. They hypothesize that this reduced
cytosol leads to the inhibition of redox-sensitive voltage-gated K+ channels, Vm depolarization,
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Figure 1.4. Putative anoxia-mediated mitochondrial calcium release mechanism that leads to
NMDA receptor silencing.
During anoxia, oxidative phosphorylation halts and ATP production is reduced (1). This leads to local
decreases in [ATP] (2), and opening of mitochondrial ATP-sensitive potassium (mKATP) channels (3). This
depolarizes mitochondrial membrane potential (Ψm) (4), and opening of the mitochondrial permeability
transition pore (mPTP) (5), which leads to release of calcium from mitochondrial stores. This results in a
modest rise in [Ca2+]i (6). The increase in [Ca2+]i activates calmodulin (CalM), which competitively
antagonizes binding of α-actinin-2 to the NMDA receptor, resulting in Ca2+-dependent inactivation of
NMDA receptors and delocalization from the synapse via dissociation from cytoskeletal elements (7). This
Ca2+ signal has the potential to activate other signalling cascades (8). Figure adapted from Hogg et al., 2014.
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channels, Vm depolarization, Ca2+ entry through Cav channels and vasoconstriction. In neonatal
adrenomedullary chromaffin cells a similar mechanism for oxygen-sensing has been proposed but
instead of a change in redox state it is a decrease in mitochondrial ROS generation and [H2O2] that
is thought to be responsible for inhibiting K+ channels and depolarization (Thompson et al.,
2007b). In direct opposition, the ROS hypothesis of mitochondrial oxygen sensing developed by
Schumaker proposes that under hypoxic conditions there is an increase in ROS generation from
complex III of the ETC and this acts as a low oxygen signal (Chandel & Schumacker, 2000).
Little is known about the effects of anoxic decreases in ROS on inhibitory signalling in turtle brain;
however, our lab recently investigated the effects of decreases in ROS on excitatory glutamatergic
neurotransmission. The data is not included in this thesis but since it is relevant I wanted to briefly
outline our findings. We hypothesized that decreases in ROS might be involved in the anoxic
inhibition of these receptors; however, we found that NMDA receptors are in fact potentiated by
decreases in mitochondrial ROS generation (Dukoff et al., 2014). This is an interesting finding
because as mentioned previously under anoxic conditions NMDA and AMPA receptor currents
decrease with anoxia. To investigate the contradictory effects of anoxia and decreases in ROS on
NMDA and AMPA receptor activity we assessed the effects of manipulation of [ROS]i and
mitochondrial mKATP channels on NMDA and AMPA receptor function. We found that ROS
scavengers increased NMDA receptor currents and application of H2O2 decreased these currents.
This indicates that similar to mammalian NMDA receptors (Choi & Lipton, 2000), turtle NMDA
receptors are redox sensitive. AMPA currents were unaffected by changes in cellular redox/ROS.
Activation of mKATP channels and mitochondrial Ca2+ release prior to ROS scavenging prevented
the increase in NMDA receptor currents indicating that the timing of the Ca2+ versus ROS signals
is an important component of anoxia-mediated neuroprotective mechanisms in turtle brain. To
confirm the timeline of these events I assessed anoxic changes in bath PO2 and compared this to
changes in fluorescent indicators of Ψm (rhodamine), [Ca2+]i (Oregon green), and [ROS]i (CMDCF) (Figure 1.5). I found that mitochondrial Ψm depolarization and Ca2+ release occurs ~ 1 min
before [ROS]i levels start to decrease, and [Ca2+]i reaches steady state levels ~ 6 min before [ROS]i.
These results demonstrate that there is sufficient time for activation of a Ca2+-mediated inhibition
of NMDA receptors before ROS levels decrease and potentiate receptor currents. In addition, this
shows that in turtle brain decreases in ROS have physiologically relevant effects on channel
currents, indicating ROS signalling could activate of inhibitory GABA signaling.
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Figure 1.5. Timeline of anoxia-induced changes in bath partial pressure of oxygen (PO2),
and cortical neuron mitochondrial membrane potential (Ψm), [Ca2+]i and [ROS]i.

(A) Sample trace of bath chamber PO2 during a 30 min anoxic treatment. (B) Rhodamine fluorescence trace
demonstrating the timing of Ψm depolarization with anoxic treatment. (C) Oregon Green fluorescence trace
showing increases in [Ca2+]i with anoxia. (D) CM-DCF trace outlining decreases in [ROS]i with anoxia.
Time to the onset of the response following the switch to anoxic perfusion and the time to steady state levels
are shown in each panel. Each trace in panels B-D represents an average of 10 regions of interest per
replicate. The onset and recovery portions of the traces were fitted with a non-linear four parameter curve
to reduce noise and highlight the timeline of events. Data in Panel B and C were drift corrected and data in
panels B-D were artificially set to a baseline fluorescence of zero to simplify interpretation of the figure.
Adapted from Dukoff et al., 2014.
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Turtle cerebrocortex as a model tissue
Although mammals and reptiles have significantly divergent evolutionary histories, they have
functionally comparable neurological physiology, at least in terms of AP generation,
neurotransmitters, receptors and ion channels (Kriegstein & Connors, 1986b; Larkum et al., 2008).
As such, the relative circuitry and energetic requirements of electrical signalling in the turtle brain
are likely similar to that of a mammalian brain at the same temperature (Lutz & Nilsson, 1997).
The turtle cerebrocortex is an ideal model to use for studying mechanisms of neuronal anoxiatolerance because it is easy to excise, physiological synaptic connections are largely maintained,
and excised brain maintains healthy electrical activity for up to 2 days. In addition to anoxia
research, many researchers utilize this model because it is regarded as a precursor of the
mammalian neocortex (Shepherd, 2011) and may provide important information regarding the
evolution, structure, and synaptic connectivity of the mammalian brain. Throughout this thesis all
experiments were performed on turtle brain sheets or cortical sheets. The region of the brain from
which cortical sheets are isolated is the cerebrocortex, or “pallium” (Aboitiz & Zamorano, 2013)
(Figure 1.6A). Based on variations in the histology of the cerebrocortex this structure can be
divided into four main cytoarchitectonic areas which include the medial cortex, dorsomedial
cortex, dorsal cortex and lateral cortex (Ulinski, 2007) (Figure 1.6B). Cortical sheets are isolated
by cutting the cerebrocortex free from the anterior dorsal ventricular ridge and the striatum, and in
doing so the lateral cortex is removed. The medial and dorsomedial areas correspond to the
mammalian hippocampus in terms of their connections to other areas in the brain, while the dorsal
cortex is most commonly associated with the visual cortex (Ulinski, 2007; Shepherd, 2011).
Electrophysiological and fluorescent studies in this thesis are performed on pyramidal neurons
located within the dorsomedial and dorsal cortex of the cerebrocortex. The cerebrocortex of the
turtle is a three-layer cortex composed of a molecular layer, cellular layer, and subcellular layer
(Connors & Kriegstein, 1986) (Figure 1.6Ci-ii).
Pyramidal neurons account for ~ 80-90% of the neurons in the dorsal cortex, and a similar
distribution in the dorsomedial cortex (Ulinski, 2007). In the intact brain, pyramidal neurons
receive direct afferent input from the thalamus; however, these connections are severed in the
cortical sheet model used in studies in this thesis. Pyramidal neuron somata are located primarily
in the cell layer, with expansive apical dendrites that extend through the molecular layer and can
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Figure 1.6. Turtle cerebrocortical sheet model used in electrophysiological and fluorescent
experiments.
A) Dorsal view of a picture of a dissected turtle brain; coronal section is indicated by the pink schematic
diagram. Adapted from Larkum et al., 2008. B) Coronal section of turtle telencephalon as indicated in
(A); the cerebrocortex is comprised of four cortices: lateral, dorsal, dorsomedial, and medial. Scissors
indicate where cerebrocortex is excised. Blue colouring corresponds to the cellular layer populated
primarily by pyramidal neurons. Schematic adapted from Ulinski 2007. Ci) Schematic detailing the three
layers of the turtle cerebrocortex. Physiologically the cortex is bordered by the pial membrane dorsally
and the ependymal layer ventrally; however, under experimental conditions the cortical sheet is inverted
to provide easy access to pyramidal neurons and because pipettes easily penetrate the pial membrane.
ii) Nissl-stained section of the dorsal cortex illustrating the three-layered organization of the
cerebrocortex; this corresponds to (Ci). Adapted from Connors and Kreigstein, 1986. D) Schematic
diagram of the principle intracortical connections in turtle cerebrocortex. Thalamic inputs (1) directly
excite pyramidal neuron dendrites (a) and excite inhibitory stellate interneurons (b). Feedforward
inhibition is mediated by stellate contact with pyramidal neurons (2). There is reciprocal excitation
between pyramidal neurons (3), and presumably GABAergic inhibition of stellate interneurons (5).
Pyramidal neurons provide output from the cortex through axons that are located primarily in the
subcellular layer (6). Adapted from Shepherd 2011.
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reach the pial layer (Ulinski, 2007; Larkum et al., 2008). Axons of pyramidal neurons extend
toward the subcellular layer and bifurcate with one branch typically directed medially and the
otherlaterally. Pyramidal neurons are glutamatergic and their axons access both AMPA and
NMDA receptors on connected cortical neurons, and they also receive feedback excitation from
other pyramidal cells (Ulinski, 2007). The remaining 10 - 20% of neurons in the dorsal cortex are
non-pyramidal and likely include a mix of both excitatory and inhibitory interneurons. There are
several populations of interneurons in the cerebrocortex, however, the most numerous and best
characterized are the GABAergic stellate cells. The somata of stellate cells are located in the inner
half of the molecular layer bordering the cellular layer (Colombe et al., 2004). Their dendrites
extend obliquely through all three cortical layers and their axons ramify throughout all three layers
of the dorsal cortex. Stellate cells likely provide both feedforward and feedback inhibition to
pyramidal cells, and there is also physiological support for inhibition of stellate interneurons
(disinhibition), presumably arising from stellate cell-stellate cell contact (Shepherd, 2011) (Figure
1.6D). Patch clamp recordings of stellate neurons found that they fire bursts of APs and the number
of APs/burst increases during anoxia (personal observation). Under patch-clamp conditions
pyramidal cells and stellate cells can be differentiated by their responses to somatic current
injections which produce trains of APs that accommodate in pyramidal cells but do not in stellate
cells (see appendix II, figure A.1.)

Thesis rationale and hypotheses
Due to seasonal ice cover in the northern part of its range the western painted turtle has evolved to
become anoxia tolerant, capable of surviving anaerobic conditions for days to months. Although
the turtle brain is functionally comparable to mammal brain it is significantly more tolerant to
oxygen deprivation making the turtle brain an ideal model to investigate neuronal mechanisms of
anoxia-tolerance. This species has evolved a number of neuroprotective mechanisms to prevent
anoxia-induced ECD, including the capacity to regulate ATP supply and demand, a key component
of their anoxia-tolerant strategy that prevents the catastrophic cascade of events characteristic of
mammalian responses to low oxygen. These adaptations are of particular interest to the field of
neurobiology because unraveling the physiological mechanisms that endow the turtle’s tolerance
to low oxygen could result in therapies that protect mammals from these insults (e.g., stroke
tolerance). From a comparative perspective, studying anoxia-tolerant turtles gives us the
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opportunity to understand how a brain, an organ extremely sensitive to reduced oxygen availability
in mammals, can function without oxygen for long periods.
The overall aim of my research is to elucidate the mechanisms that regulate suppression of
neuronal excitability in the anoxic turtle cerebrocortex. This primarily involved the examination
of GABAergic signalling in turtle cerebrocortex. Specifically I aimed to test the following
hypotheses:
1)

Anoxia-mediated spike arrest is the result of increased GABAergic neurotransmission that
induces shunting inhibition at the GABA reversal potential (EGABA) (Chapter 2).

2)

GABAergic mechanisms that protect turtle brain from anoxic injury will also protect it
from damage due to ischemic stress (Chapter 3).

3)

Calcium-activated potassium channels (KCa) are oxygen sensitive and will undergo channel
arrest during anoxia (Chapter 4).

4)

An anoxia-mediated decrease in mitochondrial ROS generation will enhance GABAergic
inhibition through pre- and postsynaptic mechanisms (Chapter 5).

Note on the organization of the thesis: The majority of data in this thesis has been published in
peer-reviewed journals and therefore, for simplicity these papers have been presented as chapters
in this thesis. These chapters have been presented in the chronological order in which they were
performed, and they have been edited for redundancy. The abstracts are presented relatively
unedited from their published form. The materials and methods in research chapter 2 contain the
general protocols used throughout the thesis. The materials and methods section in each subsequent
research chapter only contains new materials and methods specific to that chapter. The vast
majority of the research presented in this thesis was conducted by me, and I have included an
explanation of author contribution at the beginning of each research chapter. In situations where
data sets were co-authored in a manuscript I have attempted to present only my data. However,
since science is a collaborative process I have also included a limited amount of data from coauthors if I felt it was necessary to support my research and better explain the findings. For clarity,
I have used the pronoun “I” for experiments performed by me and “we” for experiments performed
jointly by myself and co-author(s).
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Enhanced GABA transmission induces electrical
suppression in anoxic turtle brain
Preface
A modified version of this chapter was published as Pamenter ME, Hogg DW, Ormond J, Shin
DS, Woodin MA and Buck LT (2011). Endogenous GABAA and GABAB receptor-mediated
electrical suppression is critical to neuronal anoxia tolerance. Proc. Natl. Acad. Sci. 108 (27):
11274-11279.
The idea to investigate the role of GABAergic transmission in anoxia-mediated spike arrest came
from L. Buck. M. Pamenter performed 50% of the whole-cell conductance measurements (Fig.
2.3A) and 50% of the MEQ fluorescent experiments (Fig. 2.5A). All other data presented was
performed and analyzed by D. Hogg.
Abstract
Anoxic insults cause hyperexcitability, neuronal swelling and death in mammalian neurons.
Conversely, in anoxia-tolerant turtle cortex, electrical activity in pyramidal neurons is suppressed
by anoxia (i.e., spike arrest) and cell death does not occur. The mechanism(s) of spike arrest is
unknown; however, it involves GABAergic synaptic transmission because brain GABA
concentration dramatically increases with anoxia, GABA application mimics spike arrest, and
treatment of anoxic pyramidal neurons with GABAA+B receptor antagonists results in
hyperexcitability and cell death. To investigate this unique neuroprotective signaling pathway I
used whole-cell and perforated patch-clamp electrophysiology techniques and fluorescent
imaging. I demonstrate that there is an increase in GABA release during anoxia and this enhances
inhibitory postsynaptic currents on pyramidal neurons. Enhanced GABA transmission increased
postsynaptic permeability to Cl- through a GABAA receptor dependent-mechanism, and
depolarized membrane potential (∼ -89 mV) to the GABA receptor reversal potential (∼ -81 mV).
Anoxic treatment depolarized APth, and APf decreased ~ 70% indicating electrical suppression.
Anoxic or GABA treatment resulted in a GABAA receptor-dependent Cl- efflux from cortical
neurons and a decrease in neuron volume. I conclude that in turtle cerebrocortex anoxic increases
in GABA release activate GABAA receptors on postsynaptic pyramidal neurons and induce
shunting inhibition. This GABAA receptor-mediated current maintains membrane potential
hyperpolarized to APth and prevents hyperexcitability during anoxia.
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Introduction
In mammals, anoxic or ischemic insults are particularly damaging to brain tissue because they
elicit ECD. Glutamate receptor over activation is a critical component of ECD; and therefore, has
been a major focus of numerous studies aimed at elucidating associated signaling pathways (Muir,
2006). However, clinical interventions which only target these receptors have been largely
unsuccessful against anoxic or ischemic damage (Ikonomidou & Turski, 2002). For the successful
prevention of ECD induced damage it is therefore important to investigate alternative mechanisms
to limit excitability during such insults. A potential therapeutic alternative to directly antagonizing
excitatory pathways is to up-regulate inhibitory mechanisms such as those mediated by GABA.
GABAergic mechanisms are not strongly recruited in ischemic mammalian neurons. In fact,
although [GABA] is elevated by ~ 30% in ischemic murine brain, GABAA receptor subunit mRNA
expression is decreased by ~ 85%, and GABA-evoked currents and [ATP] run down rapidly,
suggesting endogenous GABAergic neuroprotection is transient and largely ineffective (Li et al.,
1993; Erecińska & Silver, 1994; Allen et al., 2004). Nonetheless, activating GABA receptors preinsult limits neuronal hyperexcitability in mammalian models of ischemic damage, and AD and
cell death are not observed in the afflicted brain region (Galeffi et al., 2000; Costa et al., 2004).
Despite these promising results, GABA has received little attention as a clinical stroke intervention
and the mode of GABAergic neuroprotection is poorly understood (Ginsberg, 2008).
In anoxia-tolerant turtle, excitatory glutamatergic signaling (via NMDA receptors and AMPA
receptors) is downregulated and this is an important neuroprotective mechanism that protects
against anoxic insults in this species (Bickler et al., 2000; Pamenter et al., 2008b; Wilkie et al.,
2008). In addition, there is a rapid elevation in brain [GABA] (Nilsson & Lutz, 1991), which is
likely a primary neuroprotective component of the turtle’s anoxia-tolerant strategy since
antagonism of GABAA and GABAB receptors results in hyperexcitability and cell death similar to
anoxic mammalian neurons (Pamenter et al., 2011). Although GABAergic signaling is critical to
anoxia tolerance in turtle brain the mechanisms responsible for GABA-mediated spike arrest are
unknown. Therefore, the aim of this study is to investigate presynaptic and postsynaptic
components responsible for GABA-mediated spike arrest in the anoxic turtle brain. I hypothesize
that in turtle cerebrocortex, anoxia will enhance GABA release and this will increase postsynaptic
conductance to Cl- and result in electrical suppression.
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Materials and Methods
Research animals and ethics approval
This study was approved by the University of Toronto Animal Care Committee and conforms to
the relevant guidelines issued by the Canadian Council on Animal Care in the Guide to the Care
and Use of Experimental Animals, Volume 2, regarding the care and use of experimental animals.
Wild-caught adult turtles (Chrysemys picta bellii) (carapace diameter >15 cm, 300-600 g) were
purchased from Niles Biological Inc. (Sacramento, CA, USA). The animals were housed in large
indoor ponds (2 m x 4 m x 1.5 m) equipped with basking platform, heating lamp and a flowthrough dechlorinated fresh water system. The water temperature was maintained at approximately
17 ºC and the air temperature at 20 ºC. Turtles were fed three time weekly and maintained on a
12h light : 12h dark photoperiod.

Cortical sheet preparation
Turtles were decapitated and the whole brain was rapidly excised from the cranium (~ 30 sec) as
described elsewhere (Blanton et al., 1989b). External vasculature was removed and six cortical
sheets of dimensions (~ 5mm x 2mm x 0.7mm) were isolated from the cerebrocortex and collected
in chilled turtle artificial cerebrospinal fluid (aCSF) (4 °C) containing (in mM): 107 NaCl, 2.6 KCl,
1 MgCl2, 2 NaH2PO4 (2H2O), 26.5 NaHCO3, 10 glucose, 5 Imidazole, 1.2 CaCl2 (2H2O) (pH 7.4,
adjusted with 12M HCl; osmolarity 285-290 mOsm/L). Cortical sheets were maintained in aCSF
at 4 °C prior to use and for a maximum of 36 hours.

Experimental setup
2.2.3.1

Normoxic setup

All electrophysiological experiments were performed on a vibration isolating laboratory table
(TMC - 63-500 Series; Harvard Apparatus Canada) equipped with an isolation stage (ITS-O2;
Narishige, Japan). Tissue was visualized using an Olympus BX51W1 upright microscope
(Olympus, Richmondhill, Canada) equipped with an Olympus 0.8 N.A., 40X water immersion
objective or a 0.1 N.A. 5X objective. For normoxic recordings, individual cortical sheets were
placed in a flow-through perfusion chamber and held in place by a slice anchor (RC-26 chamber
with P1 platform; Warner Instruments, Hamden, CT). The tissue chamber was gravity - perfused
with aCSF from 1 L glass bottles via an intravenous dripper at a rate of 2 - 3 mL•min-1. A fast-step
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drug perfusion system (VC-6 model perfusion valve controller and SF-77B fast-step perfusion
system; Warner Instruments) was used to deliver pharmacological modifiers directly above the
cortical sheet. Drugs were solubilised in saline and bubbled according to indicated treatments. All
experiments were performed at a room temperature of 22 - 24°C. Isolated cortical sheets are ~
0.7mm thick and do not have functioning vasculature. Therefore, they are at risk of developing a
central anoxic core due to oxygen diffusion limits (Desan, 1984; Jiang et al., 1991). To ensure that
the entire cortical sheet remained oxygenated normoxic aCSF was continuously gassed with 95%
O2/5% CO2 to maintain a high diffusion gradient for O2 into the sheet. This is important because I
am interested in studying the signals that initiate neuroprotection from anoxia. aCSF gassed with
95% O2 produces hyperoxic aCSF and this can increase O2•- generation and cell death over 4 hours
in 0.3mm thick rat hippocampal slices (Dean et al., 2003; D'Agostino et al., 2007). Elevated [ROS]i
could complicate interpretation of findings so I assessed ROS generation in cortical sheets exposed
to aCSF that was gassed with 95% room air/ 5% CO2 or 95% O2/5% CO2. There was no difference
in the rate of ROS generation in cortical neurons as measured by the fluorescent ROS sensitive
dye CM-DCF (see appendix III, Figure A2). In addition, a variety of other electrophysiological
parameters (e.g., Vm, Gw, APth, GABA IPSC amplitude and frequency; (see appendix III, Table
A2) were not different when treated with aCSF gassed with these different gas mixtures.

2.2.3.2

Anoxic setup

Anoxia was achieved by gassing aCSF with 95% N2/5% CO2 for a minimum of 30 min prior to
commencement of experiments and this was continued throughout the experiment. To maintain
anoxic conditions aCSF was delivered through either oxygen impermeable viton tubing and/or
perfusion lines were double-jacketed and all air spaces were gassed with 95% N2/5% CO2. For
anoxic experiments, cortical sheets were placed in a custom made plexiglass perfusion chamber
fitted with high-walls (1 cm) and access spaces for electrodes and drug application. To maintain
bath anoxia, chamber aCSF was gassed with 95% N2/5% CO2 and the top of the chamber was
covered with a glass cover slip. The PO2 of bath aCSF decreased to ~ 0 mmHg in ~ 15 min under
these experimental conditions (i.e. bath PO2 not different from reservoir PO2; see introduction
figure 1.5). The PO2 of the reservoir and bath was measured using either a fluorescent oxygen
analyzer and Witrox-1 v1.6.0 software (Witrox 1; Loligo Systems; Denmark) or an E101 oxygen
electrode (Cameron Instruments Co.) connected through a Model 1900 polarographic amplifier (A-M
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Systems) to a LabPro interface (Vernier Software and Technology) for data collection. Logger Pro
3.8.4.2 was used for data collection at a sampling rate of 2 seconds.

Electrophysiology
2.2.4.1

Whole-cell patch clamp recordings

Whole-cell patch recordings were made from pyramidal neurons located in the dorsal cortex and
dorsal medial cortex (Ulinski, 2007) using fire-polished 4-6 MΩ borosilicate glass pipettes
(Harvard Apparatus LTD, Holliston, MA). Physiological pipette solution contained (in mM): 130
K gluconate, 3 NaCl, 5 Na-gluconate, 1 MgCl2, 10 NaHepes, 0.3 NaGTP, 2 NaATP, 0.0001 CaCl2,
(adjusted to pH 7.4 with methanesulfonic acid; osmolarity 295-300 mOsm/L). Silver chloride
electrodes were used both as the reference and recording electrode. Data were collected using
either a CV-4 headstage and an Axopatch-1D amplifier or a CV-7B headstage and MultiClamp
700B amplifier (Molecular Devices, Sunnyvale, CA). Data was digitized using a Digidata 1440A
interface and stored on computer using Clampex 10 software (Molecular Devices). A motorized
patch-clamp micromanipulator (Burleigh, PCS-6000 series, Thorlabs, Newton, NJ) was used to
position pipettes. Cell-attached 5 - 10 GΩ seals were obtained using the blind-patch technique
previously described (Blanton et al., 1989b). Upon seal formation, negative pressure was applied
to achieve the whole-cell patch clamp-configuration. Following whole-cell capacitance
compensation, typical whole-cell access resistances (Ra) were 20 - 30 MΩ. Ra was determined
before each measurement of electrical activity (see below) and recordings were discarded if Ra
changed by more than 20% or whole-cell leak currents changed > ± 30 pA during the course of
the experiment. Pyramidal neurons were differentiated from stellate cells by their responses to
somatic current injections which produce trains of APs that accommodate in pyramidal cells but
do not in stellate cells (see appendix II, figure A.1) (Connors & Kriegstein, 1986; Shin & Buck,
2003), and only patches onto pyramidal cells were included in this study. When using turtle aCSF
in the bath the liquid junction potential (LJP) was experimentally assessed as ~ 14 mV (protocol
based on Neher, 1992), and supported by LJP calculations using a generalized version of the
Henderson equation (Clampex junction potential calculator; Molecular Devices, Sunnyvale, CA).
All data have been corrected for this value offline (raw traces are unaltered)
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2.2.4.2

Perforated patch clamp recordings

The gramicidin perforated-patch technique was used to assess neuronal electrical parameters and
determine EGABA without disturbing intracellular [Cl−]. Thin- or thick walled borosilicate glass
electrodes were pulled (4 - 5 MΩ), fire polished and backfilled with a high-[Cl−] pipette solution
(150 mM KCl, replacing K-gluconate) containing 25 μg/mL gramicidin. Only patches that had a
stable Ra typically < 75 MΩ were used in experiments.

2.2.4.3

Measurement of pyramidal neuron APth, Gw and EGABA

AP threshold (APth) was determined by current-clamping cells and ramping voltage in 2 mV
increments for 250 ms until an AP was elicited. Threshold was taken to be the first instance of
upward voltage deflection. Whole-cell conductance (Gw) was assessed by clamping neurons at
voltage steps from -50 to -100 mV in 10-mV increments lasting 250 ms. Current amplitudes were
measured between 200 and 220 ms to avoid any capacitance effects, and a slope conductance was
determined from the resultant current–voltage (I/V) relationship (Ghai & Buck, 1999). The
reversal potential of the GABA-induced current (EGABA) was measured using 2 second ramp
voltage steps from −100 to −50 mV applied before and after a 15 sec GABA (2 mM) application.
Note: 15 secs of 2 mM GABA application is sufficient to depolarize Vm to EGABA, and Vm recovers
rapidly following cessation of GABA drip-perfusion. I/V relationships were analyzed by taking
the linear regression of each line before and after 2 mM GABA application, and EGABA was
estimated by measuring the voltage at which the I/V relationships before and during GABA
application intersected, as described elsewhere (Watanabe et al., 2009). This intersection point is
the voltage at which there is no difference in current between the indicated treatment and GABA
treatment and is a measure of the cell’s background current indicating no effect of GABA
perfusion; and therefore, the GABA reversal potential. I measured Vm, Gw and EGABA in both
gramicidin-perforated and whole-cell patch configurations and determined that measurements of
these parameters were not significantly different between the two techniques. This is reasonable
because the pipette [Cl-] (5 mM) was calculated using the Nernst equation with perforated-patch
clamp measurements of EGABA. Since the whole-cell technique has previously been used to
determine EGABA in neurons (DeFazio et al., 2000; Hewitt et al., 2009), and there was no significant
difference between whole-cell and gramicidin-perforated patch measurements of EGABA or Gw, the
data sets were grouped together.
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2.2.4.4

Measurement of GABAA receptor giant IPSCs and tonic currents

To aid in the detection of GABAA receptor inhibitory postsynaptic potentials (IPSCs), and tonic
currents, pyramidal neurons were voltage-clamped at a holding potential of -100 mV and pipette
[Cl−] was increased to 110 mM [Cl−] by equimolar substitution of KCl for K-gluconate (Chapter
2). To isolate GABAA receptor currents glutamate receptor antagonists (2R)-amino-5phosphopentanoate (AP5; 25 μM) and 6-cyano-7-nitroquinoxaline-2, 3-dione (CNQX; 25 μM)
were continuously applied. Under these conditions antagonism of glycine receptors with
strychnine (2 μM) did not have a detectable effect. After establishing the whole-cell configuration,
a 10 min equilibration period was provided for the exchange of ions, stabilization of the patch and
for antagonism of non-GABAergic receptors and ion channels. For all GABA-mediated currents
only recordings with a stable baseline and distinct IPSCs were used for analysis. Giant IPSCs
(gIPSCs) are a unique GABAA receptor current in turtle cortical pyramidal neurons. Due to the
low incidence of gIPSCs they were assessed for 5 min after each treatment period and if required
data was normalized to a normoxic 5 min time point (> 15 min after patch formation). Giant IPSCs
were analyzed using a threshold search protocol with the trigger level set close to the baseline level
to ensure the entire gIPSC was captured. In this chapter, tonic GABA currents were measured by
assessing the change in baseline current after gabazine (Gz; 25 μM) was applied.

Fluorescence imaging
2.2.5.1

Upright microscope

Fluorescence experiments were performed using the same microscope and experimental set up as
the electrophysiological experiments. All fluorescent indicators used were acetoxymethyl (AM)
ester derivatives which can permeate cell membranes. Once inside the cell, the lipophilic blocking
groups are cleaved by nonspecific esterases slowing dye leakage. Fluorophores were imaged using
indicated filter sets in combination with a monochromonator controlled by Easy Ratio Pro imaging
software (Photon Technology international, London, ON, Canada). Fluorescence emissions were
detected with an EMCCD camera (Rolera-MGi; Q imaging; Burnaby, BC). Neurons were excited
for 0.05 seconds every 10 seconds to prevent bleaching of the dye and permit experiments of up
to an hour in length. Baseline fluorescence was recorded for 10-15 min until a stable baseline was
achieved and then the tissue was exposed to treatment for 20-40 min and then recovered. For
statistical analysis of fluorescent imaging data, the average change in regions of interest (ROI)
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from the center of the cell body of 10 neurons per cortical sheet were chosen and used as a single
replicate. Brightly fluorescing cells were avoided. To assess if endogenous fluorescence of cortical
sheets affects fluorescence measurements, control cortical sheets were exposed to each treatment
in the absence of fluorophores. The background fluorescence was minimal and remained constant
with each treatment and; therefore, background fluorescence was not subtracted from fluorescent
data. Sample raw traces were smoothed using Easy Ratio Pro imaging software to reduce noise
and simplify interpretation. Some raw traces were drift corrected by fitting stable baseline
recordings 5 min before and after treatment onset with a linear regression line. Individual points
on the raw trace were then divided by the corresponding points on the regression line (Crowe et
al., 1995). Fluorescent indicators were obtained from Invitrogen (Burlington, ON, Canada) and
solubilized in either dimethyl sulfoxide (DMSO) or DMSO with 20% pluronic acid. In control
experiments DMSO or DMSO with 20% pluronic acid did not affect fluorescence measurements.

2.2.5.2

Fluorometric assessment of [Cl-]i: MEQ

Chloride changes were assessed using 6-methoxy-N-ethylquinolinium iodide (MEQ). Working
stocks of MEQ were prepared daily over nitrogen as previously described (Inglefield & SchwartzBloom, 1999). Slices were incubated in 400 μM MEQ for 1 h followed by a 10 min wash in aCSF
(22°C). Changes in MEQ fluorescence were calibrated using the Stern–Volmer equation as
described elsewhere (Inglefield & Schwartz-Bloom, 1999).

Fluorometric assessment of cell volume: Calcein
Chloride movement induces cell-volume changes; and therefore, cell-volume changes were
measured using a calcein fluorescence assay (Hamann et al., 2002). Calcein-AM was excited at
488 nm and emissions were recorded at 520 nm. Maximum cell-volume changes were determined
by perfusing cortical sheets with progressively hypo/hyperosmotic aCSF until the osmolarity
change was sufficient to induce >10% cell mortality (assessed by complete loss of calcein
fluorescence). Minimum fluorescence was observed at 100 mOsm, whereas maximum
fluorescence changes occurred at 500 mOsm. Treatment-induced changes in calcein fluorescence
are expressed as the percent change relative to this maximum.
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Pharmacology and Chemicals
See Table A.1. in the Appendix for a list of all pharmacological modifiers used and their working
concentrations. All pharmacological modifiers were drip applied and solutions were made fresh
daily. All chemicals were obtained from Sigma-Aldrich Canada Ltd (Oakville, ON), except TTX,
which was obtained from Tocris Cookson (Bristol, UK) and CGP55845, which was obtained from
Tocris Cookson Inc. (St. Louis, MO, USA). CGP, SKF, SNAP, CNQX, CDZ, CHT and PMA were
solubilized in DMSO prior to addition to aCSF. The concentrations of DMSO never exceeded 1%
v/v. PTX was solubilized in ethanol (< 1% v/v). Pharmacological modifiers were dissolved in
aCSF to their final working concentration and were drip applied with the exception of MPG and
CN which were drip and bath applied.

Experimental design and data analysis
Whole-cell, perforated patch and fluorescent experiments were performed in a paired design
starting with a 10-15 min normoxic pre-treatment, then a treatment period, and ending with a 30
min normoxic recovery. Two treatment paradigms were generally followed: 1) a 30 min treatment,
or 2) a 20 min and 40 min treatment. Analysis of electrophysiological data was performed using
Clampfit 10 software (Molecular Devices, Sunnyvale, CA). Analysis of fluorescent data was
performed on Easy ratio Pro software (Photon Technology international, London, ON, Canada).
In all experiments an individual replicate corresponds to one recording from one brain sheet.
Recordings from a maximum of 2 individual brain sheets from a single animal were included for
use in statistical comparison. Each sheet was treated only once with pharmacological modifier(s)
for the indicated duration.

Statistical analysis
Electrophysiological and fluorescent data were analyzed using SigmaPlot software package
version 11.0 (Systat Software, Inc., San Jose, CA). All data was tested for normality and equal
variance and data were analyzed using either a one-way analysis of variance (Jaggar et al., 2002),
or a two-way repeated measures (RM)-ANOVA with a Tukey’s post-hoc test to compare within
and against treatment and normoxic values. Significance was determined at P < 0.05, and all data
are expressed as the mean ± S.E.M. (standard error of mean).
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Results
Spike arrest is dependent on activation of GABAA receptors.
The first aim of this study was to confirm that spike arrest occurs under the anoxic experimental
conditions outlined in the Materials and Methods. AP threshold (APth) and AP frequency (APf)
were used as measures of pyramidal neuron excitability. Under normoxic conditions, stepwise
current injections elicited APs at a threshold of -46.6 ± 2.3 mV (n = 8; figure 2.1A, Bi) and
spontaneous APs fired at a frequency of 1.10 ± 0.1 Hz (n = 8 each; figure 2.1C, Di). Anoxic
treatment depolarized APth to -31.3 ± 1.7 mV (n = 4; p < 0.001; figure 2.1Bii) and APf decreased
> 60% to 0.4 ± 0.03 Hz (n = 8; p = 0.001; figure 2.1C, Dii). These changes were reversed by reoxygenation and are consistent with previous reports of spike arrest in anoxic turtle brain (Feng et
al., 1988a; Perez-Pinzon et al., 1992b; Pamenter et al., 2008b). To determine if GABA perfusion
mimics anoxia, normoxic brain sheets were treated with 2 mM GABA. GABA treatment
depolarized APth ~ 30 mV to -15.8 ± 1.9 mV (n = 10; p < 0.001) and APf decreased ~ 90% to 0.09
± 0.04 Hz (n = 4; p < 0.001; figure 2.1C). Co-treatment with anoxia plus GABA did not change
APth or APf compared to GABA alone. To assess if decreases in neuron excitability were associated
with GABAA receptors, neurons were treated with GZ. GZ treatment prevented the anoxic
depolarization of APth (-41.7 ± 3.2; n = 4; p = 0.012), and increased APf under both normoxic and
anoxic conditions (11.2 ± 2.5 and 9.1 ± 2.2 Hz; n = 4 each). These data indicate that the anoxic
experimental protocols of this study induce spike arrest and that GABAA receptors are involved
because GZ-mediated inhibition causes hyperexcitability.
GABA release increases during anoxia and following inhibition of GABA uptake.
To assess anoxia induced changes in GABA release, pyramidal neurons were whole-cell voltage
clamped and GABAA receptor currents were used as sensors to detect anoxic changes in
extracellular [GABA] (figure 2.2A-D). This technique was adapted from elsewhere (Rossi et al.,
2000; Allen et al., 2004). GABAA receptor currents were enhanced with high [Cl-] pipette solution
and a -100 mV holding potential (as described in Materials and Methods). GABAA receptor
currents were isolated with glutamate receptor inhibitors AP5 and CNQX. Under these
experimental conditions, when GABA binds to GABAA receptors, Cl- leaves the neuron and
currents are depolarizing. The turtle brain sheet preparation provides an ideal model for examining
GABA release onto pyramidal neurons because synaptic connectivity and endogenous
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Figure 2.1. Spike arrest is mediated by GABAA receptors.

(A) Summary of neuronal APth following normoxic to anoxic transition with recovery (t = 10, 40, and 60
min, respectively). (B) Sample recordings of APs stimulated from electrically quiet neurons by stepwise
current injection. (C) Summary of APf (Hz) following indicated treatments. (D) Sample free running
current-clamp recordings of spontaneously firing pyramidal neurons under normoxic (i), and anoxic (ii)
conditions. Treatments: normoxia 95% O2/5% CO2, anoxia 95% N2/5%, 2 mM GABA, 25 μM gabazine
(GABAA receptor antagonist). Data are mean ± SEM from 4-8 separate experiments. Asterisks (*) indicate
significant difference from normoxic controls. Number sign (#) indicates significant difference from anoxic
controls (P < 0.05).
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Figure 2.2 Endogenous GABA release is enhanced during anoxia and following inhibition of GABA
uptake.
(A) Whole-cell voltage clamp traces of spontaneous GABAergic current activity in pyramidal neurons. (i)
During transition to anoxia. (ii) During anoxia following CGP application. (iii) During anoxia following
application of GZ to assess tonic GABA activity. To aide current detection, pipette [Cl -] was increased to
110 mM and neurons were clamped at -100 mV. Cortical sheets were continuously treated with the NMDA
receptor antagonist APV (25 μM) and AMPA receptor antagonist CNQX (25 μM). (B) Summary of
GABAergic gIPSC amplitude under high [Cl-] conditions. (C) Superimposed raw spontaneous GABAergic
gIPSC recordings averaged from 10 events from three neurons per trace. (D) Summary of GABAergic
gIPSC frequency. Black bars represent duration of treatment. Treatments: normoxia 95% O 2/5% CO2,
anoxia 95% N2/5%, GABAA receptor antagonists: gabazine (25 μM) and picrotoxin (100 μM), CGP55845
(5 μM; GABAB receptor antagonist), GABA transport inhibitors: SKF 89976A hydrochloride (40 μM;
GAT-1) and (S)-SNAP-5114 (20 μM; GAT-2 and -3). Data are mean ± S.E.M. from 4-19 separate
experiments. Asterisks (*) indicate significant difference from normoxic controls. Number sign (#)
indicates significant difference from anoxic controls (P < 0.05).
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neurotransmitter release are maintained (Feng et al., 1988a; Blanton et al., 1989a; Perez-Pinzon et
al., 1992b). Under these conditions, a significant tonic inhibitory current was not observed when
GZ was applied to normoxic or anoxic neurons (1.6 ± 3.9 and 3.1 ± 2.4 pA respectively; n = 8
each; figure 2.2Aiii). Spontaneous GABAergic giant IPSCs (gIPSC) were detectable during
normoxia, and their amplitude doubled during anoxic perfusion (-41.2 ± 1.6 to -82.1 ± 2.1 pA; n
= 10 each; p < 0.001; figure 2.2A-C). Giant IPSCs were abolished by GABAA receptor antagonists
(GZ or picrotoxin; PTX) and enhanced by GABA transporter antagonists (GAT; p < 0.001; n = 4
each), confirming postsynaptic GABAA receptor activation by endogenous synaptic GABA release
(figure 2.2Ai- and iii, B, C). Application of the GABAB receptor antagonist CGP did not affect
gIPSC amplitude under normoxic conditions (-44.4 ± 5.1 pA; n = 4; figure 2.2B), and treatment
with anoxia plus CGP was not different from anoxia alone (-44.4 ± 5.1 to -93.3 ± 4.1 pA; n = 4;
figure 2.2Aii, B). Giant IPSCs occurred at a frequency (gIPSCf) of 0.1 ± 0.01 Hz under normoxic
conditions, and this was unaffected by anoxia, antagonism of GABA uptake or GABAB receptors
(figure 2.2D).
Anoxia increases pyramidal neuron Gw by activating GABAA receptors.
An anoxia-mediated increase in GABA release and activation of postsynaptic GABAA receptors
should result in an increase in pyramidal neuron whole-cell conductance (Gw). To confirm this,
neuronal Gw measurements were performed. As expected, anoxic treatment reversibly increased
pyramidal neuron Gw from a normoxic value of 4.8 ± 0.3 to 6.7 ± 0.4 nS (n = 12 each; p = 0.043;
figure 2.3A, B). Compared to normoxic control, inhibition of GABAA receptors with GZ prevented
the anoxia induced increase in Gw (5.1 ± 0.4 nS; n = 7; figure 2.3A). In contrast, antagonism of
GABAB receptors with CGP did not reduce anoxic Gw (6.4 ± 0.5 nS; n = 7; figure 2.3A). These
data are supported by stimulus evoked measurements of input resistance (inverse of Gw) also from
turtle pyramidal neurons (Pamenter et al., 2011). These data indicate that pyramidal neuron Gw is
modulated by GABAA but not GABAB receptor activation during anoxia. Normoxic treatment with
2 mM GABA increased Gw to 15.7 ± 1.8 nS (n = 11; p < 0.001; figure 2.3A) and anoxia plus 2
mM GABA did not further increase this value (14.7 ± 2.2 nS; n = 8). To further investigate the
effects of GABA on Gw, pyramidal neurons were treated with a range of [GABA] and a dose
response curve describing the relationship between Gw and [GABA] was generated (n = 3-13 for
each [GABA]; figure 2.3C). Together these findings indicate that a 2 mM GABA perfusion results
in maximal activation of GABAA receptors.
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Figure 2.3. Anoxic increases in plasma membrane Gw is GABAA receptor-dependant.
(A) Summary of Gw measured in the whole-cell configuration. (B) I/V relationships from (A). (C)
Dose–response relationship of [GABA] versus ΔGw. Treatments: normoxia 95% O2/5% CO2,
anoxia 95% N2/5%, 2 mM GABA, 25 μM gabazine (GABAA receptor antagonist), 5 μM
CGP55845 (GABAB receptor antagonist), 25 μM CNQX (AMPA receptor antagonist) and 25 μM
APV (NMDA receptor antagonist). Data are mean ± SEM from 3-12 separate experiments.
Asterisks (*) indicate significant difference from normoxic controls. Number sign (#) indicates
significant difference from anoxic controls (P < 0.05).

44

Anoxic GABA release shifts membrane potential to EGABA by activating GABAA receptors.
To further investigate the effects of endogenous GABA release on postsynaptic pyramidal neurons,
giant inhibitory postsynaptic potentials (gIPSPs) were assessed using free-running current clamp
methods, and with regular turtle pipette solution in the presence of CNQX and APV to isolate
GABAergic currents. I was interested in investigating gIPSPs under physiological conditions so I
measured gIPSP amplitude and frequency during normoxia and following a transition to anoxia.
To assess reversibility of gIPSPs I also clamped pyramidal neuron Vm to voltages that were either
hyperpolarized (-90 mV) or depolarized (-70 mV) relative to resting Vm. These experiments were
initially performed using perforated patch-clamp methods to avoid perturbing intracellular [Cl-]
([Cl-]i); however, results were not different from recordings performed under whole-cell patchclamp conditions so this data set is a combination of the two methods. Under free-running
normoxic conditions, gIPSP amplitude was 10.3 ± 1.8 mV, and events were depolarizing relative
to Vm (n = 7; figure 2.4A, B). In previous experiments using the high chloride pipette solution I
determined that gIPSCs are GABAA receptor-dependant. To confirm this is also the situation when
recorded under physiological conditions I treated neurons with GZ and CGP. GABAergic gIPSPs
were abolished by GZ but not by CGP, demonstrating that gIPSPs are GABAA receptor-mediated
(n = 10 - 13 each; not shown). Giant IPSP frequency (IPSPf) occurred at a rate of 0.1 ± 0.01 Hz,
and the frequency did not change during anoxia (0.09 ± 0.02 Hz; n = 7; p < 0.001; figure 2.4A,
summary data not shown); however, anoxic gIPSPs were decreased in amplitude (-1.47 ± 0.7 pA;
p < 0.001), and their polarity was reversed such that gIPSPs generally are slightly hyperpolarizing
relative to Vm. This indicates that anoxic GABA release shifts Vm toward the GABA reversal
potential (EGABA). When neurons were current-clamped at -90 mV (near normoxic Vm) or -70 mV
(depolarized relative to both normoxic and anoxic Vm), the resulting gIPSPs were not different
between conditions, indicating that the mechanism underlying this change is an alteration of V m
homeostasis during anoxia.
In mammalian neurons, GABAA receptor activation induces Cl- flux in the direction of the chloride
reversal potential (ECl), which is slightly hyperpolarized compared to EGABA (Blaesse et al., 2009).
EGABA has not been previously measured in adult turtle pyramidal neurons; therefore, to more
closely examine the relationship between Vm and GABAA receptor activity I assessed pyramidal
neuron EGABA using the gramicidin perforated patch-clamp configuration. Normoxic EGABA was
determined to be -80.9 ± 1.4 mV, which is ∼ 8 mV depolarized relative to Vm in the
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Figure 2.4. Anoxia increases GABAergic activity and shifts Vm to EGABA.
(A) Sample recordings of GABAergic gIPSPs under normoxic and anoxic conditions from neurons
voltage-clamped at -70 mV or -90 mV (top and bottom traces, respectively) or free-running (no
voltage clamp; middle traces) in the presence of 25 μM CNQX (AMPA receptor antagonist) and
25 μM APV (NMDA receptor antagonist). Resting membrane potential (RMP), Holding potential
(HP). (B) Summary of gIPSP amplitudes from (A). (C) Summary of paired Vm and EGABA
measured in the perforated-patch configuration. Note: dotted line indicates mean EGABA for
comparison. (D) Sample traces from (C). Note: black bars represent duration of treatment. (E)
Sample I/V relationship of pure GABA currents from (C); EGABA is the x intercept. Pure GABA
currents were determined by subtracting treatment I/V curves from treatment + GABA I/V curves.
Treatments: normoxia 95% O2/5% CO2, anoxia 95% N2/5%, 2 mM GABA. Data are mean ± SEM
from 7-17 separate experiments. Asterisks (*) indicate significant difference from normoxic
controls. Double daggers (‡) indicate significant difference from EGABA (P < 0.05).
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same neurons (-88.8 ± 1.7 mV; p = 0.001; n = 10; figure 2.4C, E). EGABA was not changed by
anoxic treatment (-80.8 ± 2.3 mV; n = 8, figure 2.4C, E); therefore, data is compared to normoxic
EGABA. Anoxia depolarized Vm to -80.2 ± 1.9 mV and this was not different from EGABA (figure
2.4C, Dii). Consistent with an underlying GABAergic mechanism, in normoxic neurons 2 mM
GABA perfusion mimicked anoxia and depolarized Vm to EGABA (-81.0 ± 2.1 mV; n = 12; figure
2.4C, Diii). Co-treatment with anoxia plus GABA also depolarized Vm (-81.5 ± 1.2 mV; n = 7),
and Vm was not different from EGABA or GABA alone (figure 2.4C, Diii). Treatment of neurons
with GZ prevented a subsequent anoxia-mediated depolarization in Vm (-86.8 ± 1.5 mV; n = 6; p
= 0.05), demonstrating that the anoxic activation of GABAA receptors is responsible for the shift
in Vm.
Anoxia or GABA induces GABAA receptor-mediated Cl- efflux and cell shrinkage
When EGABA is depolarized relative to Vm, such as in immature mammalian neurons, the Clgradient is such that postsynaptic GABAA receptor activation induces Cl- efflux accompanied by
reductions in cell volume (Blaesse et al., 2009). To determine if this also happens in anoxic turtle
neurons cellular Cl- movement and neuronal volume regulation was assessed using non-invasive
assays [6-methoxy-N-ethylquinolinium iodide (MEQ) and calcein-AM fluorescence, respectively]
(Crowe et al., 1995; Inglefield & Schwartz-Bloom, 1999). Anoxia or GABA perfusion reversibly
increased MEQ fluorescence 30-40% reflecting Cl- efflux, because intracellular Cl- quenches MEQ
fluorescence (n = 5 each; p < 0.001 for both; figure 2.5A, Bi-iii). Chloride efflux was confirmed
to be through GABAA receptors because GZ prevented changes in MEQ fluorescence under anoxic
conditions and following GABA treatment (n = 5; figure 2.5A, Bv-vi). Anoxia plus GABA did not
have an additive effect versus anoxia alone indicating anoxia is sufficient to activate this GABAA
receptor-mediated mechanism (n = 5 each; figure 2.5A, Biv). Antagonism of GABAB receptors
with CGP did not prevent anoxic increase in MEQ fluorescence (38.3 ± 5.1%; n = 5, figure 2.5A),
indicating GABAB receptors do not regulate pyramidal neuron Cl- efflux. These fluorescent Clmeasurements support the electrophysiological assessment of Vm and EGABA because they show
that Cl- leaves the cell down its concentration gradient towards ECl during anoxia. To assess the
effect of anoxic Cl- movement on neuronal volume cortical sheets were incubated with the
fluorophore calcein. Calcein fluorescence intensity is directly proportional to its concentration;
and therefore, a decrease in cell volume results in an increase in calcein concentration. GABA
treatment increased calcein fluorescence 22.1 ± 4.0 and 9.0 ± 3.0% relative to normoxic control (n
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Figure 2.5. Anoxia or GABA induces GABAA receptor-mediated Cl- efflux and cell shrinkage.
(A) Summary of MEQ fluorescence. (Note: Increased MEQ fluorescence correspond to reduced
intracellular [Cl-]) (B) Sample MEQ fluorescence recordings from (A). (C) Summary of calcein
fluorescence. (Note: Increases in calcein fluorescence correspond to decreased cell volume). (D) Sample
calcein fluorescence images of neurons undergoing an anoxic transition with recovery. (E) Sample calcein
fluorescence recordings from (C). Note: Changes were assessed after the fluorescent signal stabilized (~ 5
min), and are expressed relative to baseline fluorescence before treatment onset. Black bars represent
duration of treatment. Treatments: normoxia 95% O2/5% CO2, anoxia 95% N2/5%, 2 mM GABA, 25 μM
gabazine (GABAA receptor antagonist), and 5 μM CGP55845 (GABAB receptor antagonist). Data are mean
± S.E.M. from 4-12 separate experiments. Asterisks (*) indicate significant difference from normoxic
controls. Number sign (#) indicates significant difference from anoxic controls (P < 0.05).
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= 4 each; p < 0.001 and p = 0.038, respectively; figure 2.5C, D, Ei-iii), reflecting cell shrinkage.
Under anoxic conditions, antagonism of GABAA+B receptors reduced the anoxic increase by ∼
80%, to 5.0 ± 7.7% (n = 4 each; p = 0.002; figure 2.5C, Eiv), demonstrating that neuron shrinkage
is indeed due to water movement as a result of Cl- efflux. This data supports the
electrophysiological measurements of EGABA being depolarized relative to normoxic Vm in adult
turtle cortex.

Discussion
In this study I investigate GABA-mediated spike arrest in a naturally anoxia-tolerant turtle brain
model. I provide evidence that spike arrest is due to the anoxic modulation of both presynaptic and
postsynaptic components of GABA transmission. To investigate the presynaptic component of
spike arrest I used pyramidal neurons as reporter cells to assess GABA release under anoxic
treatment. I demonstrate that anoxia enhances GABA release from presynaptic GABAergic
cortical neurons, and this activates a unique GABAA receptor-mediated phasic current on
postsynaptic pyramidal neurons. I have termed these currents giant IPSCs. Under anoxic
conditions gIPSCs double in amplitude and this is mimicked by GABA uptake transport blockers.
Together these data confirm that GABA release increases during anoxia and indicates that in the
cerebrocortex GABAerigc interneurons are oxygen-sensitive. To investigate GABA-mediated
spike arrest in postsynaptic pyramidal neurons I assessed the effects of anoxia and GABA receptor
modulation on parameters of membrane excitability. Anoxic treatment increased membrane
permeability to Cl- through a GABAA receptor dependent mechanism, and this Cl- conductance
monopolizes Gw. Increased GABAA receptor activity depolarized Vm and APth, resulting in a
significantly decreased APf. I propose that the principal mechanism behind spike arrest is GABAA
receptor-mediated shunting inhibition that shifts Vm to EGABA and prevents further depolarization
to APth. GABA-mediated spike arrest is an essential component of the turtle’s anoxia-tolerance
strategy and these results highlight the critical role GABAA receptors play in cortical pyramidal
neurons and identify a unique oxygen-sensitive inhibitory signalling pathway that enables survival
during prolonged anoxic stress.
In the mature mammalian brain, [Cl-]i is typically low due to high activity of KCC2. Since GABAA
receptors primarily conduct Cl-, activation of these receptors is inhibitory because Cl- influx shifts
Vm towards ECl (~ EGABA) and away from APth. Under normoxic conditions, with a steady supply
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of oxidatively derived ATP, maintenance of Na+ gradients is easily maintained by Na+/K+ ATPase
activity. However, this is not a particularly effective strategy for surviving long-term anoxia
because it results in increased ATP usage (Bickler & Buck, 2007). In contrast to mammals, turtle
pyramidal neurons exhibit an EGABA that is depolarized (~ 8 mV) relative to Vm, and anoxia or
GABA treatment activate postsynaptic GABAA receptors resulting in Cl- efflux and Vm
depolarization, not hyperpolarization. While this may seem counter-intuitive, an anoxia-mediated
increase in chloride conductance (GCl) produces an electrical shunt that can prevent excitation by
decreasing the temporal and spatial summation of excitatory inputs (Blaesse et al., 2009).
Therefore, activation of GABAA receptors during anoxia will be inhibitory regardless of the value
of EGABA. Furthermore, due to the intrinsic outward rectification of GABAA receptor currents,
depolarizing GABA responses can be even more effective than hyperpolarizing response (see
below discussion on APth) (Gray & Johnston, 1985; Verdoorn et al., 1990). The expression/activity
of Cl- co-transporters in adult turtle neurons is unknown; although KCC2 expression is high in
retina (Pseudemys elegans) (Leitch et al., 2005), indicating a similar mechanism of Clhomeostasis. Importantly, normoxic and anoxic EGABA are not different indicating that neither
NKCC1 nor KCC2 are modulated during anoxia.
An interesting finding from this study and others (Feng et al., 1988a; Perez-Pinzon et al., 1992b;
Pamenter & Buck, 2008) is that anoxic or GABA perfusion depolarizes APth ~ two-fold more than
Vm depolarizes, indicating that under these conditions additional excitatory input is required to
elicit an AP. This is supported by measurements of rheobase (i.e., stimulation required to generate
an AP) which increases ~ 20-fold during anoxia (Pamenter et al., 2011). This may be the
consequence of the GABAA receptor-mediated depolarizing shunt because Vm depolarization can
inactivate voltage-gated sodium channels (Chandel & Schumacker) resulting in fewer Nav
channels available for activation and a depolarized APth (Henze and Buzsaki, 2001). APth also
depends on the rate of Vm depolarization to threshold with lower rates of depolarization
corresponding to more depolarized APth (Blaesse et al., 2009). Therefore, under anoxic conditions
an increase in Gw would not only increase the amount of excitatory current required to depolarize
Vm to threshold but would also slow the rate of Vm depolarization. A depolarized APth could also
be the result of anoxia-induced changes in protein kinase expression or activity (Henze & Buzsaki,
2001; Scheuer, 2011), and in particular protein kinase A (PKA) or protein kinase C (PKC) because
phosphorylation of Nav by either of these kinases decreases channel currents and slows inactivation
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(Numann et al., 1991). This is relevant to this model because anoxia induces changes in the activity
of both these kinases (Brooks & Storey, 1993; Mehrani & Storey, 1995). Another interesting result
related to this depolarizing shunting inhibition is that neuron volume decreases along with anoxia
or GABAA receptor-mediated Cl- efflux. This is in direct contrast to ischemic mammalian neurons
where dysregulation of ionic gradients results in cell swelling which can lead to necrotic membrane
rupture (Allen et al., 2004). This indicates that in addition to ATP savings during anoxia,
depolarizing shunting conductances may prevent osmotic imbalances that contribute to neuron
death.
Activation of anoxia-mediated GABAergic shunting inhibition in pyramidal neurons requires an
endogenous source of GABA. Although turtle brain [GABA] is known to increase 80-fold in
response to anoxia (Nilsson & Lutz, 1991), this study provides the first measurement of anoxiainduced increases in GABA release. The primary GABAergic neurons in the cerebrocortex of the
turtle are stellate interneurons. These are the second most abundant type of neuron and they
synapse onto and modulate pyramidal neuron activity (Kriegstein & Connors, 1986a; Kriegstein
& Connors, 1986b). Recording from these interneurons during a transition to anoxia would be the
ideal method of assessing presynaptic GABA release; however, this is difficult to achieve in the
brain sheet model due to the low incidence of this type of neuron in the cellular layer that I am
recording from. To circumvent this problem I used a high chloride pipette solution and voltageclamped pyramidal neurons at -100 mV to amplify the GABAA receptor currents. I used changes
in the amplitude of pyramidal neuron IPSCs as a proxy for changes in presynaptic GABA release.
Using this technique I identified phasic GABA-mediated gIPSCs and used them to measure
presynaptic GABA release. Giant IPSCs are the result of activation of GABA A receptors because
GZ completely inhibits them. They are generated at a fixed frequency regardless of treatment, and
anoxia or application of GAT blockers more than doubled gIPSC amplitude indicating that GABA
release is the result of upstream network activity. Although this data does not indicate the
mechanism through which GABA release is enhanced it does demonstrate that in turtle
cerebrocortex GABA release is oxygen-sensitive.
A surprising result of this study is the absence of a measureable tonic GABA A receptor-mediated
current in pyramidal neurons. Under anoxic conditions, an increase in GABAergic tone mediated
by extrasynaptic GABA receptors would help to clamp Vm at EGABA and increase whole-cell
membrane permeability to Cl-; and this would be an energetically inexpensive mechanism through
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which to prevent AP generation. One possible reason no tonic GABA current was measured could
be because I used GZ instead of bicuculine (BIC) as the GABAA receptor antagonist. While both
GZ and BIC are competitive antagonists that prevent receptor activation by displacing GABA from
its binding site, GZ selectively binds to low affinity GABA A receptors, and is not as effective at
inhibiting tonic GABA currents (Bai et al., 2001; Bright & Smart, 2013).
To initiate ECD in turtle pyramidal neurons both GABAA and GABAB receptors need to be
blocked (Pamenter et al., 2011). This demonstrates that metabotropic GABAB receptors are also a
critical component of spike arrest; however, their role in shunting inhibition is unknown. Typically
activation of presynaptic GABAB receptors inhibit Ca2+ channels while postsynaptic GABAB
receptors activate K+ channels (Ben-Ari et al., 2007). In this study, antagonism of GABAB
receptors with CGP did not have an effect on anoxic gIPSC amplitude and frequency indicating
GABA release in not modulated by GABAB receptors. CGP application did not decrease anoxic
Gw indicating postsynaptic K+ channels are not modulated by activation of GABAB receptors.
Together this indicates that GABAB receptors do not play a role in shunting inhibition. In
mammals, presynaptic GABAB receptors are found primarily concentrated around glutamatergic
synapses where receptor activation prevents glutamate release (Kornau, 2006). This is likely the
situation in turtle cerebrocortex as well because application of CGP during anoxia increased APf
(Pamenter et al., 2011). In addition, CGP application increases AMPA receptor-mediated
excitatory postsynaptic potentials (EPSPs) again indicating increased glutamate release (Pamenter
et al., 2011). Together this evidence suggests that in turtle cerebrocortex the primary contribution
of GABAB receptors to spike arrest is to prevent excitatory glutamate release and decrease
excitatory input into pyramidal neurons.
In summary, I report that in turtle cerebrocortex there is an anoxia-mediated increase in GABA
release that activates GABAA receptors on pyramidal neurons. This leads to an increase in Clconductance and activation of a shunting mechanism that clamps Vm at EGABA. This depolarizes
APth and decreases AP generation which conserves ATP at a crucial time when ATP is limited.
Excess GABA likely activates GABAB receptors located on presynaptic glutamatergic synapses
and decreases glutamate release, further reducing AP generation. An important result of this study
is the discovery of unique oxygen-sensitive giant GABAA receptor-mediated IPSCs. These gIPSCs
occur at a stable frequency indicating that they are the result of upstream network activity from
oxygen-sensitive GABAergic interneurons.
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GABAergic mechanisms protect painted turtle
cerebrocortex from an in vitro mimic of the ischemic
mammalian penumbra
Preface
A modified version of this chapter was published as Pamenter ME, Hogg DW, Gu XQ, Buck LT
and Haddad GG. (2012). Painted turtle cortex is resistant to an in vitro mimic of the ischemic
mammalian penumbra. J. Cereb. Blood Flow Metab. 32: 2033-2043.
The idea to investigate if GABAergic spike arrest can defend against ischemic stress was
conceived jointly by D. Hogg and M. Pamenter. D. Hogg performed all electrophysiology
experiments (figures 3.1-3.4), M. Pamenter performed the fluorescent assays (figure 3.5).
Abstract
Anoxia or ischemia causes hyperexcitability and cell death in mammalian neurons. Conversely, in
painted turtle brain anoxia increases GABAergic suppression of spontaneous electrical activity and
cell death is prevented. To examine ischemia tolerance in turtle neurons, cortical sheets were
treated with an in vitro mimic of the penumbral region of stroke afflicted mammalian brain
(ischemic solution, IS). In sheets treated with IS, neuronal Vm and EGABA depolarized to a similar
steady state (-92 ± 2 to -28 ± 3 mV, and -75 ± 1 to -35 ± 3 mV, respectively), and Gw increased >
3-fold (from 4 ± 0.2 to 15 ± 1 nS). These neurons were electrically quiet and changes reversed
after reperfusion. GABA receptor antagonism prevented the IS-mediated increase in Gw and
neurons exhibited enhanced electrical excitability and rapid and irreversible rundown of Vm during
reperfusion. These results suggest that inhibitory GABAergic mechanisms also suppress electrical
activity in ischemic turtle cerebrocortex. Indeed, after 4 hours of IS treatment neurons did not
exhibit any apparent damage; while at 24 hours, only early indicators of apoptosis were present. I
conclude that anoxia-tolerant turtle neurons are also tolerant of exposure to a mammalian ischemic
penumbral mimic solution; and therefore, the mechanisms that protect turtle brain from anoxia
may also be useful in protecting mammalian brain from ischemic insults.
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Introduction
In Canada, ischemic stroke is a leading cause of death and disability costing on average $3 billion
dollars a year (Mittmann et al., 2012). An ischemic stroke occurs when a blocked artery reduces
blood supply to the brain, and this results in decreased oxygen supply. In addition to the deleterious
effects of anoxia or hypoxia, cerebral blood flow is impaired, which also limits nutrient delivery
and slows the removal of signaling molecules, ions, and metabolically derived lactate and CO2
(Branston et al., 1974). These events enhance cytotoxicity, ionic imbalance, and acute acidification
in the occluded region (the infarct core) and the hypoperfused surrounding tissue (the penumbra)
(Anderson et al., 1999; Yao et al., 2007). Since freshwater turtles are naturally anoxia-tolerant the
mechanisms that have evolved in these animals to withstand oxygen-deprivation may be useful in
providing direction in producing therapies for treatment of ischemia in mammals. Similar to
mammals, turtle brain also becomes more acidic during anoxia (Wasser et al., 1991; Buck et al.,
1998); however, cerebral blood flow is increased (Bickler, 1992), and liver glycogen stores are
mobilized and continuously delivered to the brain, facilitating glycolytic ATP production (Bickler
& Buck, 2007). This represents a significant systemic advantage relative to ischemic stress in
mammals; and indeed, turtles are considerably more tolerant to ischemic stress and survive > 1
hour after cardiac excision at 22°C (Belkin, 1968). Furthermore, mimicking the turtle’s
endogenous cell-level neuroprotective mechanisms (inhibiting glutamatergic activity – channel
arrest, or enhancing GABAergic activity - spike arrest) is neuroprotective against ischemic or
hypoxic injury in mammalian brain (Arundine & Tymianski, 2004; Costa et al., 2004). Therefore,
the ability of anoxia-tolerant turtle brain to withstand ischemic stress is of interest to better
understand how neuroprotective adaptations to low oxygen environments may provide protection
against more complex ischemic challenges.
Previous attempts to examine the resistance of anoxia-tolerant turtle neurons to ischemic stress
have relied on oxygen-glucose deprivation or chemical mimics of ischemia that model the
mammalian infarct core (i.e., iodoacetate and sodium cyanide to inhibit glycolysis and oxidative
phosphorylation, respectively) (Doll et al., 1991). However, cells within the infarct core die within
minutes of insult onset and while this process is of scientific interest, from a clinical standpoint
these cells cannot likely be rescued. Conversely, the penumbral region surrounding the infarct core
is hypo-perfused and therefore hypoxic, and cell death here spreads over hours to days post-insult
and accounts for the majority of morbidity and mortality after stroke in mammalian models (Lo,
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2008). Therefore, mechanisms of neuroprotection in this region are of considerably greater clinical
relevance than in the infarct core. Using a physiological saline solution that mimics the key ionic,
hypoxic, and acidic parameters of the penumbral milieu, I asked whether anoxia-tolerant turtle
cortical neurons are resistant to this clinically relevant ischemic stress. To answer this question, I
treated turtle cortical sheets with aCSF or ischemic solution (IS), and examined pyramidal neuron
synaptic activity using the whole-cell and perforated-patch electrophysiological techniques. In
addition, cortical sheets were treated with aCSF or IS for up to 24 hours, and pyramidal neuron
viability was examined using molecular and biochemical viability assays.

Materials and Methods
Experimental design
For electrophysiological experiments the design of experiments and protocols used in this chapter
are similar to those in chapter 1. Only new materials and methods specific to this chapter are
included in this section. For viability assays cortical sheets were divided into three groups and
treated with either: (1) aCSF at 4°C, (2) aCSF at 22°C, or (3) ischemic solution (IS, Yao et al.
2007) at 22°C (see below). Sheets were treated for up to 24-hrs, as indicated. For experiments in
which [ATP] was measured, an additional set of samples were treated with IS for 1- or 24-hrs and
allowed to recover in normoxic aCSF for 1-hr before homogenization. For molecular and
biochemical assays, cortical sheets were treated simultaneously and in parallel.

Ischemic setup
In experiments investigating the effects of ischemia in turtle cerebrocortex, tissue was perfused
with an ischemic penumbral mimic solution (IS) containing (in mM): 47 NaCl, 29 KCl, 35 Kgluconate, 1.5 MgCl2, 3 glucose, 65 sucrose, 0.1 glutamate, 4 NaHCO3, 0.13 CaCl2 (315 mOsM,
pH 6.5) (Yao et al., 2007). IS was bubbled with a gas mixture containing 1.5% O2/15% CO2/
balance N2 for a minimum of 30 min prior to commencement of experiments and ischemia was
maintained by a perfusion system and chamber similar to that used in Chapter 2. In some
experiments, cortical sheets were treated with either a high-K+ aCSF solution containing 64 mM
K+ (to match the K+ composition of IS). This solution was made by adding 61.4 mM K-gluconate
to raise total extracellular [K+] to 64 mM. In other experiments, sheets were treated with IS
containing normal [K+] (2.6 mM) (to match the aCSF K+ composition). This solution was made
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by substituting 2.6 mM KCl, 26.4 mM choline chloride and 80.4 mM sucrose for K-gluconate in
the original IS recipe. All electrophysiological experiments were conducted at 22°C. IS and highK+ aCSF were assessed to have a LJP of 4 mV, aCSF and low K+ aCSF were assessed to have a
LJP of 14 mV. All data have been corrected for this value offline.

Fluorescence imaging
3.2.3.1

Confocal microscope

Propidium iodide (PI) exclusion from live cortical sheets was imaged using a Perkin Elmer
Ultraview Vox spinning disk confocal microscope, with a 572 nm (TRITC) laser line (Perkin
Elmer, Waltham, MA). Samples were maintained at 4 or 24C and constantly gassed with either
normoxic or IS gas mixtures, and images were taken at 30 min intervals for 24 hrs (data presented
at 0.5, 1, 2, 4, 8, 12 and 24 hrs). In other experiments, PI uptake and annexin V binding (see below)
were imaged in cortical sheets treated for 4- or 24-hrs in aCSF, IS, or aCSF with 5 M
staurosporine (STS) (apoptosis-inducing agent), using an Olympus FV1000 scanning confocal
microscope, with 572 nm (TRITC) and 488 nm (FITC) laser lines (Olympus, San Diego, CA). For
data collection in both sets of confocal microscopy experiments, the parameters of the microscope
such as light intensity, exposure time, camera gain, etc., were determined for the brightest
fluorescing sample and standardized for subsequent samples. For analysis, five random sections
from each study group were taken at 20x magnification using AxioVision (Carl Zeiss, Thornwood,
NY) or Volocity software (Perkin Elmer), and the number of cells staining positive for PI uptake
or annexin V translocation was determined by counting FITC- or TRITC-stained cells normalized
to tissue area. To quantify cell death in each sheet, images were analyzed using ImageJ software
(version 1.37, NIH, USA).

3.2.3.2

Annexin V apoptosis assay

Cortical sheets were treated as indicated in the experimental design section (above) for 4- or 24hrs. Following treatment, Annexin V translocation was measured using an Annexin V-FITC
Apoptosis Detection Kit (Enzo Life Sciences, Plymouth Meeting, PA) as per the manufactures
instructions, and annexin V translocation was imaged using a confocal microscope (see above).
Experiments were repeated 3-5 times for each treatment.
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3.2.3.3

ATP luciferase assay to assess metabolic viability

Cortical sheets were treated as indicated in the experimental design section (above) for 1- or 24hrs. Following treatment, sheets were rinsed twice in PBS, excess fluid was removed by wicking
with a Kimwipe, and sheets were weighed and then rapidly homogenized in cell lysis buffer using
a Precellys 24 tissue homogenizer (Bertin Corp, Rockville, MD). The resulting cell suspensions
were normalized to wet tissue weight and aliquots were then pipetted into black, solid-bottom 96well microplates (Corning). Total ATP content was assessed using a Perkin Elmer ATPlite
Luminescence Assay System kit as specified by the manufacturers protocol (Perkin Elmer, MA,
USA), and a Bio-Tek PowerWave 340 microplate spectrophotometer (Bio-Tek, Winooski, VT,
Ex/Em: 485/630 nm), and analyzed using Gen 5 software (Bio-Tek). Standard curves were
generated using serial dilutions of a known ATP standard provided in each kit. The sensitivity of
the detector was calibrated to the luminescence of the highest [ATP] standard in each experiment,
and plates were read at the same intensity. Experiments were repeated 3-5 times for each treatment,
and results were normalized to ATP luminescence recorded from control cells assayed at t = 0
hours.

3.2.3.4

Comet DNA fragmentation assay

Cortical sheets were treated as indicated in the experimental design section (above) for 24-hrs.
Following treatment, sheets were rinsed twice in PBS and then rapidly homogenized in ice-cold
PBS using a tissue homogenizer (Bertin Corp). Purified DNA was extracted from the resulting
cortical sheet homogenates using a Qiagen DNAeasy Blood and Tissue kit as specified by the
manufacturers protocol (Qiagen, Valencia, CA), and quantified by NanoDrop (Thermo Sci.,
Wilmington, DE). Equal quantities of DNA were heated at 65C for 10 mins, and then loaded onto
a standard 1.5% agarose gel containing 0.5 mg/ml ethidium bromide. Electrophoresis was
performed at 120V for ~ 40 min at room temperature to separate DNA fragments by weight.
Specific bands were visualized via UV trans-illumination using a BioRad Chemilab XRS+ geldock system (BioRad, Hercules, CA), and densitometry was performed and images were analyzed
using BioRad imaging software (BioRad). Experiments were repeated 3 times.

57

3.2.3.5

Propidium Iodide (PI) membrane integrity assay

Membrane viability was assessed as the ability of cells to exclude the dye PI. PI is a membrane
impermeant fluorescent molecule that binds to DNA by intercalating between bases. Therefore,
only cells with compromised plasma membranes fluoresce, and this can be used as an indicator of
cell viability. Prior to treatment, cortical sheets were incubated overnight with 5 µg/ml of PI at 4°C
to ensure penetration of PI into the tissue. Next, each brain sheet was placed into a single well in
a 12-well #0 thickness glass-bottom microplate (MatTek), and fresh PI (5 µg/ml) was added to
these wells to prevent depletion of the dye. Sheets were treated as indicated in the experimental
design section (above), and then imaged using a confocal microscope (see above). Experiments
were repeated 3-5 times for each treatment.

Statistical analysis
Data were analyzed using a two-tailed Student t-test or one-way ANOVA, followed by a Tukey’s
post-hoc test.

Results
Pyramidal neurons are reversibly depolarized during ischemic solution perfusion
Under normoxic conditions pyramidal neurons exhibited a steady resting Vm of -90.3 ± 1.1 mV
for up to 2 hours (n = 10, figure 3.1A, Bi), and voltage ramps elicited APs at a threshold of -51.3
± 1.0 mV (figure 3.1C, Di), values which are similar to previous measurements from normoxic
turtle cerebrocortex (Pamenter et al., 2011). Conversely, upon IS perfusion neurons rapidly
depolarized ~ 60 mV to 70 mV to a new steady state (Vm = -22.9 ± 1.4 mV and -28.4 ± 2.3 mV
after 20 and 60 min of IS perfusion, respectively; n = 26; p < 0.001 for both; figure 3.1A, Bii-iii).
Notably, neurons did not exhibit excitatory events during the initial depolarization and were
electrically quiet during the entire period of IS treatment, and APs could not be evoked (n = 26;
figure 3.1C, Dii). These changes were reversed by washout with normoxic aCSF. Vm
hyperpolarized to -68.6 ± 3.9 mV after 20 minutes of reperfusion (p = 0.005), and at 40 minutes
was not significantly different from pre-IS baseline controls (-85.4 ± 1.5 mV; p = 1.000). Neuronal
excitability also returned after reperfusion, as evidenced by the firing of evoked APs (recovery
APth = -45.5 ± 3.4 mV; figure 3.1C, Diii). In ischemic mammal brain, neuronal
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Figure 3.1. Vm depolarizes to EGABA in IS-treated pyramidal neuronal
(A) Summary of Vm recordings from pyramidal neurons treated with normoxic aCSF or a 30 min IS
treatment with recovery. (B) Sample Vm recordings from patch-clamped neurons treated with (i) aCSF or
(ii) 20 min IS or (iii) 60 min IS perfusion with recovery. Black bars indicate duration of IS perfusion. (C)
Summary of APth from stimulated neurons treated as indicated. APs could not be elicited during IS
treatment. (D) Sample recordings of evoked APs recorded during (i) baseline control, (ii) IS perfusion, and
(iii) normoxic reperfusion. (E) Summary of EGABA measurements. (F) Summary of pure GABA I/V curves
used to determine EGABA in aCSF (solid lines) and IS (dashed line) from (E). Treatments: normoxic baseline
aCSF 95% O2/5% CO2, IS 1.5% O2/15% CO2/balanced N2, 2 mM GABA. Data are mean ± S.E.M. Vm data
are from 10-26 separate experiments for each treatment; EGABA data are averaged recordings from 12
separate neurons. Asterisks (*) indicate significant difference from normoxic controls (P < 0.05).
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depolarization is deleterious and leads to seizure-like events and irreversible anoxic depolarization
within minutes of insult onset (Lipton, 1999). Therefore, the lack of similar electrical
hyperexcitation in IS-treated turtle neurons, despite a rapid and marked Vm depolarization,
suggests that inhibitory mechanisms (i.e., spike arrest) are strongly recruited during IS treatment
and reperfusion in this model. In anoxic turtle neurons, Vm is ‘clamped’ at EGABA, which is largely
determined by the distribution of Cl- across the plasma membrane (ECl); however, the IS used in
this experiment incorporates deleterious ionic imbalances that are characteristic of the penumbral
milieu, which would alter this distribution. Therefore, to determine the new set point of Cldistribution during IS, and assess a potential role for this in the IS-mediated depolarization of Vm,
I measured EGABA using perforated patch-clamp techniques. Under normoxic conditions, EGABA
was -75.2 ± 1.2 mV and depolarized relative to control Vm (n = 20; figure 3.1E, F). IS perfusion
depolarized EGABA to -31.6 ± 2.6 mV (p < 0.001); and was not significantly different from Vm in
IS at the same time point (p = 0.559). After normoxic reperfusion, EGABA returned to baseline levels
(-77.5 ± 2.3 mV). This depolarization represents a significant increase in intracellular ([Cl-]i).
According to the Nernst potential equation [Cl-]i in aCSF is ~ 6.3 mM (extracellular chloride ([Cl]e) = 113 mM), whereas after the transition to IS, [Cl-]i increases to ~ 22.2 mmol/L ([Cl-]e = 77.5
mM).
Neuronal membrane conductance is greatly increased during ischemic solution treatment
Under anoxic conditions spike arrest is mediated by an increase in GABA-sensitive Clconductance (GCl), which resets Vm to EGABA (Pamenter et al., 2011). Since neuronal Vm and EGABA
also depolarized to similar levels (~ 30 mV) during IS perfusion I hypothesized that a similar
increase in GCl occurs during ischemia, and that this increase underlies Vm depolarization to EGABA.
To test this hypothesis, I examined changes in Gw during IS perfusion. At rest, Gw was 3.9 ± 0.2
nS but increased ~ 4-fold to 14.6 ± 1.3 nS during IS perfusion (n = 31; p < 0.001; figure 3.2A, B,
C); and Gw recovered to pre-IS control levels upon reperfusion (4.8 ± 0.5 nS; p = 0.997). I have
previously shown that 2 mM GABA administration induces similar-magnitude changes to Gw in
turtle neurons (Pamenter et al., 2011); therefore, in separate experiments I treated cortical sheets
with GABA during an aCSF to IS transition with recovery. In these experiments, Gw in neurons
pretreated for 15 seconds with 2 mM GABA was 15.1 ± 1.7 nS in normoxic aCSF and 17.1 ± 2.4
nS in IS (n = 14; figure 3.2A). These conductance states were not significantly different from
GABA-free IS-treated samples (p = 1.000 and 0.721, respectively).
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Figure 3.2. Ischemic solution (IS) and GABA increase Gw.
(A) Summary of Gw recordings from cortical pyramidal neurons treated with aCSF or IS alone (white bars)
or co-treated with GABA (black bars). (B) Summary I/V curves of Gw in aCSF (solid line) and IS (dashed
line) from (A). (C) Sample raw Gw voltage-clamp recordings from (A). Treatments: normoxic baseline
aCSF 95% O2 / 5% CO2, IS 1.5% O2, 15% CO2, balanced N2, 2 mM GABA. Data are mean ± S.E.M. Data
are from 25-31 separate experiments for each treatment, I/V curves are averaged recordings from 10
separate neurons. Asterisks (*) indicate significant difference from normoxic controls (P < 0.05).
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GABAA and GABAB receptors contribute to spike arrest in anoxic turtle cortex (Pamenter et al.,
2011); therefore, to examine a role for these receptors under ischemic conditions I next applied the
GABA receptor antagonists GZ and CGP during IS perfusion. Under these conditions, pyramidal
neurons exhibited electrical excitability during the transition to IS perfusion and also after
normoxic reperfusion (n = 5 each; figure 3.3Ai-ii). In all experiments, Vm was more depolarized
during IS perfusion with GABA receptor antagonists than with IS alone (-15.7 ± 0.6 versus -28.4
± 2.3 mV; n = 5 each; figure 3.3B). And after normoxic reperfusion excessive spontaneous APs
were observed and Vm did not recover (figure 3.3Aii), whereas in neurons treated with IS alone
Vm returned to baseline levels (-19.4 ± 1.5 to -82.0 ± 2.0 mV after 30 minutes normoxic aCSF
reperfusion, respectively; n = 5 each; figure 3.3B). Importantly, the IS-mediated increase in Gw
was prevented by GABA receptor antagonism (4.5 ± 0.8 and 6.3 ± 1.5 nS before, and during
IS+GZ+CGP treatment, respectively; n = 5 each; p = 0.330; figure 3.3C)
High external [K+] increases GABAergic inhibitory tone
Neuronal Vm is determined primarily by the K+ gradient (Hodgkin & Huxley, 1952). EGABA is also
influenced by this gradient through the activity of K+/Cl- cotransporters, such that increases in
extracellular [K+] ([K+]e) are expected to depolarize EGABA (Thompson & Gahwiler, 1989; Rivera
et al., 1999). Compared to aCSF, external [Cl-] is reduced from 113 to 77.5 mM in IS, which would
account for an ~ 10 mV depolarizing shift in EGABA (Nernst potential equation). However, during
IS perfusion EGABA was much more depolarized (by ~ 30 to 40 mV), indicating that the [Cl-]i is
altered by IS perfusion in addition to changes to [Cl-]e. Since K+ is greatly increased in the
mammalian ischemic penumbra and in our penumbral mimic solution, I next examined the impact
of altered K+ on neuronal electrical activity and GABAergic inhibition in normoxia and during IS
treatment in turtle brain. First, I treated cortical sheets with a high-K+ aCSF solution containing 64
m K+ (to match the K+ composition of IS). In these experiments, neurons rapidly depolarized ~ 75
mV and Vm was -10.3 ± 2.3 mV after 30 minutes of perfusion (n = 9; p < 0.001; figure 3.4Ai, B).
EGABA was similarly depolarized by high-K+ aCSF to -44.6 ± 2.2 mV (n = 5, data not shown),
neurons were electrically quiet during this depolarization (Table 2), and Vm returned to baseline
after 30 minutes reperfusion with normal aCSF (-81.7 ± 1.6; n = 9; p = 0.533). Similarly, Gw
reversibly increased from a normoxic baseline value of 4.6 ± 0.7 to 12.3 ± 1.5 nS when neurons
were treated with high-K+ aCSF (n = 5, p < 0.001; figure 3.4C, D), a conductance state that is
consistent with that of normoxic neurons during GABA application.
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Figure 3.3. GABA receptor antagonism during IS-treatment causes electrical hyperexcitation and
Vm depolarization after normoxic reperfusion.
(A) Sample Vm recording from a patch-clamped pyramidal neuron co-treated with IS plus the GABAA
receptor antagonist gabazine (GZ) and the GABAB receptor antagonist CGP55645 (CGP). Insets (i and ii)
are enlargements of the corresponding time period on the full trace (below). Black bar indicates duration of
IS plus GZ and CGP treatment. (B) Summary of V m changes from (A). (C) Summary of Gw changes from
cells in (A). (D) Sample raw Gw voltage-clamp recordings from (C). Treatments: normoxic baseline aCSF
95% O2 / 5% CO2, IS 1.5% O2, 15% CO2, balanced N2, 25 μM GZ, 5 μM CGP. Data are mean ± S.E.M.
from five separate experiments. Asterisks (*) indicate significant difference from control treatment and
double daggers (‡) indicate significant difference from IS alone (P < 0.05).
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Table 2. Effects of extracellular [K+] and GABA on APth
Experimental condition

APth (mV)
Baseline

Treatment

Recovery

High-K+ aCSF

-48.4 ± 1.2 (9)

No APs (5)*

-46.1 ± 1.7 (9)

High-K+ aCSF (+) GABA

No APs (5)*†

No APs (5)*

No APs (5)* †

Low-K+ IS

-44.0 ± 2.4 (8)

6.5 ± 4.5 (5) *‡

-40.1 ± 2.9 (8)

Low-K+ IS (+) GABA

No APs (5)*†

No APs (5)*

No APs (5)* †

High-K+ aCSF or 2 mM GABA perfusion prevented AP firing. Data are mean ± S.E.M.
Parentheses indicate n-value. Treatments: normoxic baseline aCSF 95% O2/5% CO2, high-K+
aCSF (64 mM K+) 95% O2/5% CO2, IS with low-K+ (2.6 mM) 1.5% O2/15% CO2/balanced N2,
and GABA 2 mM. Asterisks (*) indicate significant difference from normoxic controls; daggers
(†) indicate significant difference from normoxia at the same time point; and double daggers (‡)
indicate significant difference from IS alone (P < 0.05).
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Figure 3.4. Extracellular K+ underlies the IS-mediated Vm depolarization and increase in Gw.
(A) Sample Vm recordings from patch-clamped pyramidal neurons treated with (i) high-K+ aCSF or (ii)
low-K+ IS, and after 30 minutes recovery. Black bars indicate duration of treatment perfusion. (B) Summary
of Vm recordings from pyramidal neurons treated as indicated; Baseline (B), treatment (T), and Recovery
(R). (C) Summary of Gw changes from cells in (A). (D) Sample raw Gw voltage-clamp recordings from (C).
Data are mean ± S.E.M. from 5-9 separate experiments. Treatments: normoxic baseline aCSF 95% O2/5%
CO2, high-K+ aCSF (64 mM K+) 95% O2/5% CO2, IS with low-K+ (2.6 mM) 1.5% O2/15% CO2, balanced
N2, and GABA 2 mM. Asterisks (*) indicate significant difference from non-GABA treated baseline;
daggers (†) indicate significant difference from non-GABA treated condition at the same time point; and
double daggers (‡) indicate significant difference from high-K+ treatment condition (P < 0.05).
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To examine the role of GABA in high-K+-mediated changes, I next applied 2 mM GABA during
an aCSF to high-K+ aCSF transition with recovery. In this analysis, GABA-treated neurons were
slightly depolarized with regard to untreated neurons (-78.6 ± 2.5mV), and a 30 min perfusion of
high-K+ aCSF plus GABA reversibly depolarized Vm to -20.0 ± 2.3 mV (n = 5; figure 3.4B).
Compared to baseline normoxic aCSF Gw was increased by GABA treatment alone, perfusion of
high-K+ aCSF plus GABA reversibly depolarized Vm to -20.0 ± 2.3 mV (n = 5; figure 3.4B).
Compared to baseline normoxic aCSF Gw was increased by GABA treatment alone (13.3 ± 2.3 nS;
p < 0.001; n = 5 for each; figure 3.4C, D) and the subsequent switch to high-K+ aCSF with GABA
had no additional effects on Gw (13.0 ± 2.3 nS; p = 0.985). In addition, APs could not be evoked
from neurons treated with high-K+ aCSF alone or in the presence of GABA (n = 9 and 5,
respectively; Table 2). Taken together, these results indicate that inhibitory GABAergic activation
(i.e., GABA release), and the depolarizing shift in EGABA, occurs downstream of elevated [K+]e
accumulation. This is because GABA perfusion alone increases Gw but does not markedly
depolarize neurons, whereas high-K+ aCSF perfusion alone increases Gw to the same degree as
GABA perfusion and also depolarizes neurons, while simultaneously preventing electrical
excitability.
This relationship was indirectly confirmed in experiments examining the effect of a modified IS
perfusate containing low [K+] (2.6 mM). In these experiments neurons treated with low-K+ IS did
not exhibit significant depolarization of Vm (p = 0.184) and Gw did not increase (p = 1.000), and
APs could be evoked with stimulus injection (n = 8; figures 3.4A-D; Table 2). In addition, EGABA
was not depolarized relative to controls (-75.0 ± 0.6 mV; n = 5; data not shown). Conversely,
application of GABA to low- K+ IS treated neurons restored the large increase in Gw observed in
control IS experiments and prevented stimulus-evoked potentials but did not restore the
depolarization of Vm, indicating that EGABA was not markedly depolarized by low-K+ IS perfusion.
Therefore, increased GABA release and postsynaptic Gw, along with the IS-mediated shift in
EGABA, are regulated by high-K+ in the unmodified IS perfusate. This indicates that the IS-mediated
change in Vm and electrical inhibition is due to increased presynaptic release of GABA, while the
change in EGABA is due to postsynaptic alterations of neuronal K+ gradients with a smaller
contribution from a reduced driving force on Cl- due to lower [Cl-]e.
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Turtle neurons tolerate prolonged ischemic solution treatment
To assess how long this natural anoxia-tolerant mechanism can protect against ischemic insults
cortical sheets were treated with a prolonged IS regimen. It is not feasible to assay long-term cell
viability using electrophysiological approaches; therefore, a variety of biochemical and molecular
assays were used to examine the effects of prolonged IS perfusion (0.5 to 24 hours) on turtle
cortical sheet viability. Cell death can occur through two distinct processes: necrosis or apoptosis
(Edinger & Thompson, 2004). Necrotic cell death is generally characterized by rapid permeability
barrier (plasma membrane) rupture in the absence of apoptotic markers (Galluzzi et al., 2007);
therefore, membrane viability was measured using a propidium iodide (PI) exclusion assay in live
cortical sheets bathed in aCSF or IS treated at 24°C (n = 3 for each; figure 3.5A). The PI
fluorescence was assessed at 0.5, 1, 2, 4, 8, 12, and 24 hours, and at each of these time points PI
fluorescence was unchanged in either treatment group relative to controls treated in aCSF at 4°C.
In other experiments, PI fluorescence was assessed in combination with the translocation of the
apoptotic marker annexin V to the outside of neuronal plasma membranes. After 4 hours of IS
treatment, there was no significant change in PI or annexin V fluorescence in either aCSF or IS
perfused cortical sheets treated at 24°C relative to controls treated with aCSF at 4°C (n = 5 for
each; p = 0.729 and p = 0.956; figure 3.5B, C). Similarly, after 24 hours of treatment neurons in
all groups continued to exclude PI; however, the extent of annexin V fluorescence in IS-treated
samples significantly increased ~ 6-fold relative to controls (p < 0.001), indicating the occurrence
of apoptosis in IS-treated cortical sheets. In parallel experiments, cortical sheets were treated with
the proapoptotic agent staurosporine in aCSF. Relative to controls staurosporine significantly
increased annexin V fluorescence ~ 11- and 15-fold at 4 and 24 hours, respectively (n = 3; p <
0.001 respectively; figure 3.5B, C). To further examine cell viability at 24 hours, DNA
fragmentation was examined using a DNA gel electrophoresis assay, since laddered
oligonucleosomal DNA fragmentation is a hallmark of advanced apoptosis (Galluzzi et al., 2007).
In this analysis, fragmentation was not observed in aCSF- or IS-treated samples (n = 3 for each;
figure 3.5D), suggesting that the induction of apoptosis in IS-treated cortical sheets at 24 hours is
at a very early stage. Finally, total cellular [ATP] was assayed at 1 and 24 hours. Compared to the
4°C aCSF treated neurons, intracellular [ATP] was unchanged after 1 hour of IS treatment (n = 5;
p = 0.100; figure 3.5E), but decreased ~ 75% in IS-treated samples at 24 hours (n = 3; p < 0.001;
figure 3.5E). Nonetheless in cortical sheets that were treated with IS for 24 hours and then allowed
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Figure 3.5. Ischemic solution (IS) perfused cortical sheets retain DNA and plasma membrane
integrity, but express an early apoptotic marker at 24 hours.
(A) Summary of fold-change of propidium iodide (PI) fluorescence imaged from live cortical sheets treated
at 24°C relative to PI fluorescence in control samples treated simultaneously with aCSF at 4°C. (B)
Summary of fold-change of apoptotic annexin V fluorescence. (C) Overlain sample images from (B) of PI
(red) and annexin V (green) fluorescence in cortical sheets treated as indicated. (D) Gel image of
oligonucleosomal DNA fragment separation via electrophoresis on a 1.5% conventional agarose gel. (E)
Summary of [ATP] from cortical sheets treated as indicated. Data are mean ± S.E.M. from 3 to 5 separate
experiments for each treatment. Treatments: normoxic aCSF 95% O2/5% CO2, IS 1.5% O2/15% CO2,
balanced N2, and 5 mmol/L staurosporine (STS), control in aCSF at 4°C, and 24 hours IS plus 1-hour
recovery. Asterisks (*) indicate significant difference from control treatment; daggers ( †) indicate
significant difference from IS; and double daggers (‡) indicate significant difference from similar treatment
at the same time point (P < 0.05).
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to recover in normoxic aCSF for 1 hour, [ATP] began to recover, suggesting that samples treated
with this paradigm remain viable and recover from prolonged IS exposure.

Discussion
In addition to being anoxia-tolerant, this study shows that painted turtle cortical neurons are
tolerant to an ischemic penumbral mimic solution. This conclusion is supported by observations
that turtle pyramidal neurons: 1) depolarize but are electrically quiescent during 1 hour of IS
perfusion and recover fully after normoxic reperfusion; 2) defend [ATP] in this time period, and
[ATP] recovers from an ischemic low after 24 hours treatment; and 3) maintain plasma membrane
and DNA integrity through 24 hours of IS treatment. Although healthy turtles do not experience
ischemia naturally this tolerance is nonetheless remarkable and the mechanisms that promote
survival may be used to protect tissue in ischemia-sensitive mammals. Here, I report that the
electrical response of IS-treated pyramidal neurons is similar to that of anoxia-treated neurons with
IS causing a: depolarization of Vm to EGABA; > 3-fold increase in Gw and an inhibition of electrical
activity despite extreme depolarization.
The mechanism underlying these postsynaptic changes is likely mediated by GABA receptor
activation since: 1) GABA addition during normoxic aCSF perfusion increases neuronal Gw to the
same degree as IS and APs cannot be elicited; while 2) co-treatment of IS and GABA does not
result in further elevations of Gw; and 3) antagonism of GABAA+B receptors during IS prevents the
IS-mediated increase in Gw, and neurons become hyperexcited and Vm runs down within minutes
of reperfusion. Therefore, since IS and GABA have similar but not additive effects on Gw and
neuronal excitability, and GABAergic inhibition during IS treatment prevents the increase in Gw
and induces excitotoxicity characteristic of ischemic mammalian neurons, I conclude that
enhanced GABAergic inhibition prevents electrical excitability and at a minimum, underlies earlystage IS tolerance in this model.
GABAergic inhibition and the large depolarizing shift in EGABA are mediated by the high [K+] of
the IS. In mammals a high [K+] perfusate induces extensive neuronal excitation by shifting the K+
gradient such that neurons depolarize and become more electrically active within 4 to 5 minutes
of perfusion (Zhou et al., 2010). In mammalian slice models excitation leads to depolarization of
both presynaptic and postsynaptic neurons, which increases neurotransmitter release,
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excitotoxicity and spreading depression (Gardner-Medwin, 1981). Conversely, in turtle brain highK+ aCSF causes extensive postsynaptic depolarization, but electrical activity is suppressed and Vm
recovers after reperfusion with normal aCSF. GABA-mediated increases in postsynaptic Gw are
activated by high-K+ and this does not occur in neurons treated with low-K+ IS, indicating that
presynaptic GABA release is greatly increased by high-K+. The observation that turtle neurons are
electrically silent in high-K+ experiments despite significant depolarization is notable as this
indicates that inhibitory tone in turtle brain outweighs excitatory tone, as in these experiments the
high [K+] will likely have activated excitatory glutamatergic signaling in addition to inhibitory
GABAergic signaling. This may represent a significant adaptive advantage in turtle brain relative
to mammal brain. This is supported by the observation that turtle neurons treated with low-K+ IS
do not exhibit increases in Gw because it indicates that GABA transmission is only enhanced under
high K+ conditions. In addition, the lack of electrical hyperexcitability in neurons treated with lowK+ IS indicates that the remaining deleterious alterations in this solution are not overly damaging
to turtle neurons, or are protected against by alternative mechanisms since the inhibitory
GABAergic shunt that underlies spike arrest does not appear to be active under these conditions.
In addition to regulating GABA release during IS perfusion, high-K+ is also responsible for the
depolarizing shift in EGABA observed in IS-treated neurons. A rationale for this is: EGABA is
primarily determined by the Cl- gradient, which is in turn determined by the activity of K+/Clcotransporters (Rivera et al., 1999); therefore, increasing [K+]e decreases the driving force on Cland depolarizes EGABA. This relationship is supported by our observations that high-K+ alone in
aCSF was sufficient to depolarize EGABA during normoxia and shift Vm toward this depolarized
potential, and that low-K+ IS did not induce a shift in Vm or EGABA, even when postsynaptic
GABAA receptors were chronically activated in the presence of 2 mM GABA. Conversely, in
anoxic turtle cortex GABA release is drastically increased but EGABA is not depolarized and [K+]e
does not change significantly during prolonged anoxia, suggesting that alternative mechanisms are
used to activate endogenous inhibitory GABAergic neuroprotective mechanisms in anoxic turtle
brain (Jackson & Heisler, 1983; Nilsson & Lutz, 1991; Pamenter et al., 2011).
Traditionally researchers have used oxygen-glucose deprivation or chemical ischemia to mimic
stroke in vitro. Although these paradigms accurately model the metabolic consequence of impaired
cerebral blood flow, they do not incorporate other deleterious aspects of the ischemic milieu (Yao
et al., 2007; Lo, 2008). The ischemic paradigm used in our experiments similarly mimics the
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metabolic consequences of reduced cerebral blood flow (low glucose, hypoxia), but also
incorporates severe ionic derangements, acidification (~ pH 6.4), and excitatory neurotransmitter
accumulation (glutamate) characteristic of ischemic mammalian penumbral tissue (Hansen &
Nedergaard, 1988; Siesjö, 1992; Yao et al., 2007). Indeed, many of these alterations alone are
sufficient to induce depolarization or death in mammalian neurons. For example, the increase in
external [K+] from 2.6 (in aCSF) to 64 mM (in IS) is sufficient to induce spreading depression in
cortex (Zhou et al., 2010), whereas holding external pH at 6.4 for 6 hours causes 50% neuronal
and glial cell mortality in forebrain (Nedergaard & Hansen, 1993). Therefore when combined,
these alterations present a highly challenging stress, and the ability of turtle cortex to withstand IS
treatment for up to 24 hours with minimal apparent damage is remarkable.
Unlike turtle neurons, mammalian cells are intolerant to IS treatment. In hippocampal slice models
and in cell cultures, mammalian neurons become electrically excited and rapidly depolarize within
minutes of IS onset at 24°C or 37°C, and Vm does not recover after normoxic reperfusion (Yao
and Haddad, unpublished observations). Furthermore, after a 24- hour IS treatment ~ 90% of
neurons take up PI and > 90% of cellular lactate dehydrogenase is released (Yao et al., 2007),
while [ATP] is depleted > 85%, and DNA exhibits extensive oligonucleosomal fragmentation and
TUNEL (terminal deoxynucleotidyl transferase- mediated 20-deoxyuridine 50-triphosphatebiotin
nick end labeling)-positive staining characteristic of late-stage apoptosis (Galluzzi et al., 2007;
Pamenter et al., 2012a; Pamenter et al., 2012b; Pamenter et al., 2012c). Similar results have been
reported in a wide variety of in vivo and in vitro models of the ischemic mammalian penumbra
where general ischemic stress induces: electrical hyperexcitation and extreme Vm depolarization
within minutes; ionic and neurotransmitter derangements, [ATP] depletion, and necrotic cell
rupture or extensive activation of apoptotic mechanisms within < 1 to 4 hours; and extensive or
total neuronal cell death within 6 to 24 hours (Hansen & Nedergaard, 1988; Siesjö, 1992;
Nedergaard & Hansen, 1993; Broughton et al., 2009).
Comparatively, patch-clamped turtle cortical neurons tolerate at least 60 minutes of IS treatment
(i.e., at least 20 to 30 × longer than mammalian neurons) and Vm and synaptic function recovers
after reperfusion. Necrosis does not occur through 24 hours of IS treatment as indicated by the
maintenance of vital dye exclusion, and DNA does not exhibit fragmentation typical of either
necrosis or apoptotic cell degradation at 24 hours (Galluzzi et al., 2007). However, a significant
increase in the translocation of annexin V, an early indicator of apoptosis (Galluzzi et al., 2007),
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occurred after 24 hours but not 4 hours of IS treatment. This result suggests that cortical sheets are
likely reaching the limit of their tolerance and are beginning to undergo programmed cell death.
Nonetheless, the recovery of ATP levels after 1-hour of reperfusion following 24 hours of IS
treatment suggests that the tissue remains viable and recovers even after prolonged stress. There
is evidence that cells damaged by ischemic stress are replaced via neuronal regeneration in this
model (Kesaraju & Milton, 2009) and it is tempting to speculate that in vivo, damaged cells marked
for apoptosis would be replaced. This would enable turtles to tolerate prolonged brain ischemia
and recover without long-term detriment, even if some cells are damaged by the initial stress. If
this were the case, then the observed annexin V staining at 24 hours may actually be adaptive in
turtle brain and indicative of maintenance- related local apoptosis to mark damaged cells for
removal, instead of an indication of the onset of widespread apoptosis.
In the present study, temperature differences may contribute to the enhanced ischemia tolerance
of turtle brain relative to previously published studies in mammal brain. Experiments with mammal
brain are typically conducted between 24-37°C, and hypothermia slows metabolism and extends
ischemic or hypoxic survival time (Lampe & Becker, 2011). Conversely, turtles survive months
of anoxia at 4°C, and typically tolerate 2 to 3 days of anoxia at room temperature, and hours at
37°C (Bickler & Buck, 2007). Nonetheless, turtles have consistently displayed a remarkable
degree of anoxia and ischemia tolerance relative to mammals across a wide range of experimental
temperatures (Belkin, 1968; Doll et al., 1991; Bickler, 1992; Bickler & Buck, 2007) and our
present results provide further support for this relationship. For example, at temperatures of 22°C
to 24°C turtle brain sheets tolerate > 3 hours of anoxic perfusion and > 1 hour of ischemic
perfusion, whereas neurons in rat brain slices rapidly depolarize in < 5 minutes of anoxia or
ischemia (Doll et al., 1991; Lipton, 1999; present study). Similarly at the whole-organism level,
turtles tolerate > 1 hour of ischemia after cardiac excision, while mammals die within minutes of
blood flow cessation (Belkin, 1968; Bickler & Buck, 2007).
In summary, this study has shown that turtle cortical neurons tolerate a highly deleterious ischemic
stress for up to 24 hours. Electrophysiological studies indicate that one key mechanism underlying
this tolerance is a large-scale activation of inhibitory GABAergic GCl, which clamps Vm at EGABA
and prevents excitatory events and cell death during IS onset. A similar mechanism underlies spike
arrest in the anoxic turtle cortex but the degree to which inhibitory GABAergic mechanisms are
activated in IS-treated neurons is several-fold greater than that observed previously in anoxic
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experiments (Pamenter et al., 2011), likely because GABAergic inhibition here is activated by
greatly increased extracellular K+, whereas in the anoxic cortex GABA release is activated by an
unknown mechanism that is likely K+ independent. Nonetheless, these results illustrate that
naturally evolved adaptations to survival in anoxic environments can also protect against clinically
relevant paradigms of ischemic stress. This study highlights the value of a comparative model in
which to elucidate medically relevant protective mechanisms against anoxic and ischemic insults
in brain.
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Oxygen-sensitive reduction in Ca2+-activated K+
channel open probability in turtle cerebrocortex
Preface
A modified version of this chapter was published as Rodgers-Garlick CI, Hogg DW and Buck LT
(2013). Oxygen-sensitive reduction in Ca2+-activated K+ channel open probability in turtle
cerebrocortex. Neuroscience. 237: 243–254.
The idea to investigate the effect of anoxia on Ca2+-activated K+ channels was conceived jointly
by D. Hogg and C. Rodgers-Garlick. Characterization of the channel (Fig. 4.1), and anoxic
experiments (Fig 4.3 and Fig. 4.4) were performed equally by D. Hogg and C. Rodgers-Garlick.
C. Rodgers-Garlick performed the experiments assessing the Ca2+-sensitivity of the KCa (Fig. 4.2).
D. Hogg performed the experiments assessing PKC modulation of the KCa (Fig. 4.5).
Abstract
In response to low ambient oxygen levels the painted turtle brain undergoes a large depression in
metabolic rate which includes a decrease in neuronal APf. This involves channel arrest of NMDA
and AMPA receptor currents and an increase in GABA receptor currents. In a search for other
oxygen-sensitive channels a Ca2+-activated K+ channel (KCa) was discovered that exhibited a
decrease in open time in response to anoxia. Single-channel recordings of KCa activity were
obtained in cell-attached and excised inside-out patch configurations from neurons in cortical brain
sheets bathed in either normoxic or anoxic artificial aCSF. The channel has a slope conductance
of 223 pS, is activated by membrane depolarization, and is controlled in a reversible manner by
free [Ca2+] at the intracellular membrane surface. In the excised patch configuration anoxia had no
effect on KCa channel open probability (Popen); however, in cell-attached mode, there was a
reversible 5-fold reduction in Popen (from 0.5 ± 0.05 to 0.1 ± 0.03) in response to a 30 min anoxic
treatment. The inclusion of the potent PKC inhibitor chelerythrine prevented the anoxia-mediated
decrease in Popen while application of a phorbol ester PKC activator decreased Popen during
normoxia (from normoxic 0.4 ± 0.05 to phorbol-12-myristate-13-acetate (PMA) 0.1 ± 0.02).
Anoxia results in depolarization of pyramidal neuron Vm to EGABA (~ 8 mV) and an increase in
[Ca2+]i; therefore, KCa arrest is likely important to prevent Ca2+ activation during anoxia and to
reduce the cost of maintaining ion gradients. We conclude that turtle pyramidal cell Ca2+-activated
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K+ channels are oxygen-sensitive channels regulated by cytosolic factors and are likely the
reptilian analog of the mammalian large conductance KCa channel (BK channels).

Introduction
Initiation of channel arrest and spike arrest must include oxygen sensors; cells must first sense a
change in oxygen tension and then trigger mechanisms to reduce ATP demand. Opening of
mitochondrial ATP-sensitive K+ channels (mKATP) have been linked to a reduction in both NMDA
and AMPA receptor activity in the turtle cortex and may be central to an oxygen-sensing
mechanism (Pamenter et al., 2008c; Zivkovic & Buck, 2010). An oxygen-sensing mechanism may
consist of a decrease in mitochondrial [ATP] due to the lack of oxidative phosphorylation which
activates mKATP, leading to mitochondrial K+ influx, mitochondrial membrane potential (Ψm)
depolarization, Ca2+ efflux to the cytosol through the MPTP, protein kinase/phosphatase
activation, and ion channel modulation (Shin et al., 2005; Pamenter et al., 2008c; Hawrysh &
Buck, 2013). Mitigating a neurotoxic NMDA receptor-mediated increase in [Ca2+]i is key to
preventing ECD in the mammalian central nervous system. The less dramatic increase in [Ca2+]i
associated with mKATP opening in turtle pyramidal neurons appears to be part of the natural
signaling mechanism leading to the anoxic reduction in NMDA receptor activity (Pamenter et al.,
2008c; Hawrysh & Buck, 2013).
Elucidation of the oxygen-sensitive signaling molecules and ion channels involved in channel
arrest and spike arrest is essential for understanding how turtle brain avoids hyperexcitability and
ECD under anoxic conditions. While understanding the mechanisms responsible for the anoxic
modulation of glutamatergic and GABAergic transmission is of paramount importance due to the
critical role of these neurotransmitter systems in anoxia-tolerance, it is also necessary to identify
other oxygen-sensitive ion channels and unravel their contributions to anoxia-tolerance in turtle
brain. To this end, we used patch-clamp techniques to record oxygen-sensitive spontaneous singlechannel currents in turtle cortical neurons. Single-channel currents were identified in cell-attached
and excised inside-out patches using a combination of channel blockers and ion substitution in the
recording electrode. We identified a large conductance calcium-activated potassium channel (KCa)
similar to Big potassium or maxi KCa in mammals (reviewed in Gribkoff et al., 2001; Magleby,
2003), and I directly measured changes in channel open probability in response to anoxia and
protein kinase and phosphatase modulators.
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Materials and Methods
Experimental design
The electrophysiological experimental protocols used in this chapter are similar to those in Chapter
2 except where indicated. Only new materials and methods specific to this chapter are included in
this section.

Electrophysiology
4.2.2.1

Single-channel patch-clamp recordings

Single-channel recordings were obtained from cell-attached or excised patches using fire-polished
8-10 MΩ borosilicate glass pipettes. Following GΩ seal formation, patches were allowed to
stabilize for 5 min before the potential of the membrane patch was clamped to the desired level by
polarizing the electrode with respect to ground and single-channel currents of the patch were
recorded. Excised inside-out membrane patches were obtained by reversing the recording electrode
away from the cortical sheet using the stepper-motor. The tip of the electrode was positioned above
the cortical sheet but remained immersed in the bath. All data were collected at 20 kHz, low-passfiltered at 1 kHz.

4.2.2.2

Single channel KCa current/voltage relationships

For cell-attached single-channel recordings, electrodes were filled with turtle aCSF and cortical
sheets were also bathed in turtle aCSF. Action potentials were suppressed with a 5 min application
of the voltage-gated Na+ channel blocker TTX, which was repeated every 20 min. In the voltageclamp configuration the initial holding potential was set to -80 mV. Assuming a cellular resting
Vm of approximately -80 mV, this resulted in a patch transmembrane potential of 0 mV. The
following formula was used to calculate the transmembrane potential of the patch; voltage at
intracellular surface of a cell-attached patch) from the electrode holding potential (HP) and a
cellular resting Vm of -80 mV:
Transmembrane potential = (-80 mV) – (HP)
To test for spontaneous single-channel activity, voltage was stepped from -120 mV to +40 mV in
20 mV steps in the cell-attached configuration. The patch was held at each potential for 60 s.
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Single-channel currents were observed and could be characterized as outward rectifying.
Depolarization of the patch was required to activate the channel and channel open probability
(Popen) was calculated from amplitude histograms generated from 60 s recordings of single channel
activity at transmembrane potentials of -60 mV to +40 mV. To rule out confounding NMDA
receptor activity, 3 mM MgCl2 was added to the turtle aCSF electrode solution (4 mM total Mg2+)
as well as 30 µM APV. To eliminate AMPA receptor and non-specific K+ channel activity, 30 µM
CNQX, 5 mM CsCl, and 10 mM tetraethylammonium chloride (TEA; voltage-gated K+ channel
antagonist) were added to the electrode solution. To eliminate Ca2+-activated K+ channel (KCa)
activity, 150 nM iberiotoxin (IbTX; specific KCa antagonist) was added to the aCSF electrode
solution. Cell-attached patches obtained with the above electrode solutions were interspersed
among those obtained with a control aCSF electrode solution that did not contain any channel
antagonists. Based on the effects of TEA and IbTX, outward rectification, and current responses
at depolarized transmembrane potentials, we hypothesized that the channel of interest was a Ca2+activated K+ channel.
A full I/V relationship could not be obtained in cell-attached mode because of the outward
rectification of the channel. To generate a full I/V relationship, both sides of the excised insideout membrane patch were bathed with an aCSF solution containing high [K+] (mM: 100 KCl; 11
NaCl; 1 MgCl2; 2 NaH2PO4 (2H20); 26.5 NaHCO3; 10 glucose; 5 imidazole; pH 7.4). The solution
was identical on either side of the membrane patch, except with respect to [Ca2+]. It was previously
shown that 0.5 µM free [Ca2+] at the inner surface of an excised membrane patch is sufficient to
activate KCa (Pallotta et al. 1981). Thus, 8 µM CaCl2 and 40 µM EGTA were added to the electrode
solution (extracellular side of patch) to yield a free [Ca2+] of 10 nM, and 20 µM CaCl2 and 14 µM
EGTA were added to the intracellular solution (intracellular side of excised patch) to yield a free
[Ca2+] of 5 µM (free [Ca2+] calculations were also based on [Mg2+] using the EGTA/free Ca2+
calculator from http://randombio.com/egta.html). Stepping the voltage applied to excised patchclamped neurons in the manner described above yielded full I/V curves where the current was 0
pA at a holding potential of 0 mV. Because there is no cellular resting Vm for excised patches, the
transmembrane potential is simply the holding potential multiplied by -1. When the above 100 mM
KCl electrode solution was used, cell-attached I/V relationships were inverted compared to those
obtained with 2.6 mM KCl in the electrode; inward currents were observed when the patch was
hyperpolarized.
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4.2.2.3

Ca2+-dependent activation of KCa

Using excised inside-out membrane patches, relationships between channel Popen and [Ca2+]i were
obtained by manipulating bath [Ca2+] at a fixed transmembrane potential of 40 mV. Electrodes
were filled with the same high [K+] aCSF solution described above with 10 nM free [Ca2+]. Upon
excision of the membrane patch the intracellular side of the membrane was exposed to a high [K+]i
solution that was similar to the electrode solution, except that it contained zero Ca2+. This was
achieved by adding 50 µM EGTA to the intracellular solution. In the absence of Ca2+ no channel
activity was observed. The tip of a perfusion apparatus was placed in close proximity to the patch
electrode and patches were then perfused with high [K+] intracellular solutions that contained
different [Ca2+]’s and [EGTA]’s depending on the desired free [Ca2+]. For example, 60 µM CaCl2
and 10 µM EGTA yielded 50 µM free Ca2+. To demonstrate the reversibility of KCa activation,
excised patches were exposed to 50 µM Ca2+ for 1-2 min, followed by washout with zero Ca2+ bath
solution. This process was repeated a second time using the same excised patch. For all of the
experiments described above bath aCSF was continuously gassed with 95% O2/5% CO2.

4.2.2.4

Normoxic to anoxic transitions and protein kinase C and
phosphatase modulation

The effect of anoxia on KCa Popen was examined using cell-attached and excised inside-out patchclamp techniques. For cell-attached patch experiments, turtle aCSF was used as both the electrode
and bath solutions. For excised inside-out patch experiments, the electrode and intracellular
solutions contained symmetrical K+ (100 mM) and electrodes contained 10 nM Ca2+. Prior to patch
excision, the cortical sheet was bathed with the 100 mM K+ solution containing 0 Ca2+. Once the
patch was excised, 5 µM free Ca2+ was perfused near the electrode tip either for the duration of the
experiment or just prior to recordings of single-channel activity and subsequently washed out with
the 0 Ca2+ solution. During each experiment patches were initially perfused with normoxic aCSF
for 10-15 min, followed by a 30 min anoxic perfusion, and then a 30 min normoxic reperfusion.
At the end of each perfusion period, a 10 sec recording of single-channel activity was obtained and
used for Popen comparisons. Cell-attached patches were voltage-clamped at -100 mV (20 mV
transmembrane potential) just prior to and for the duration of the 10-s recordings.
To determine if phosphorylation of KCa channels plays a role in decreasing Popen during anoxia
turtle brain sheets were pre-incubated for 20 min with the protein kinase C (PKC) inhibitor –
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chelerythrine (10 µM; also drip applied throughout the experiment at 0.5 µM to maintain PKC
inhibition). Brain sheets were then placed in the recording chamber and Popen determined during
normoxic and anoxic exposure as described above. The PKC activator phorbol-12-myristate-13acetate (PMA, 10 µM) was drip applied to brain sheets during normoxic perfusion and P open
determined as above. To investigate steady-state normoxic regulation of KCa Popen brain sheets
where pre-incubated in the phosphatase 1 and 2A inhibitor – okadaic acid (6 µM) and the Ca2+/
calmodulin inhibitor - calmidazolium (10 µM). Stock solutions of all drugs were prepared in
DMSO.

Statistical analysis
Amplitude and Popen histograms were generated using Clampex 10.2 software (Molecular Devices)
and all other graphs were plotted using SigmaPlot 11.0 (Systat Software, Inc., San Jose, CA). Twoway repeated measures (RM)-ANOVAs were employed using SigmaStat 3.0 statistical analysis
software to determine significant differences among multiple groups followed by a post hoc
Tukey’s test to determine differences among two specific groups within the data set. A 95%
confidence interval was used to determine significance.

Results
Identification of a KCa channel in turtle cortical neurons
Using a cell-attached patch-clamp configuration with aCSF in the bath and pipette we observed
spontaneous single-channel activity (figure 4.1; n = 20). Single-channel currents can be described
as large and unitary; depolarizing the patch increased the frequency and duration of channel
opening, all characteristics of large-conductance KCa currents. Single-channel activity was not
blocked by the addition of NMDA receptor antagonists (4 mM MgCl2, 25 µM APV) or AMPA
receptor antagonists (25 µM CNQX) to the pipette solution (n = 10 each; figure 4.1Bi-ii). Addition
of the general K+ channel antagonist/specific inward-rectifying K+ channel antagonist CsCl (5
mM) to the pipette solution did not block channel currents (n = 10; figure 4.1Biii). When TEA (10
mM) was added to the pipette solution, single-channel activity was completely absent in 100% of
patches (n = 10; figure 4.1Biv). Addition of the high specificity BK channel antagonist IbTX (150
nM; Candia et al., 1992) to the pipette solution also completely blocked channel activity in 100%
of patches (n = 10; figure 4.1Bv).

80

Turtle pyramidal neurons have a resting Vm of ~ -80 mV as determined from whole-cell perforated
patch recordings (Pamenter et al., 2011; Pamenter et al., 2012b). The channel was inactive at the
cell resting Vm of -80 mV, and single-channel currents were observed only when the patch was
depolarized relative to the Vm of the cell (n = 20; figure 4.1A, C, D). Depolarization activated the
channel in 100% of membrane patches on intact cells and the frequency of channel opening was
holding potential dependent (figures 4.1A, C). As the extracellular side of the membrane was made
more negative, depolarization of the patch relative to the Vm of the cell resulted in increased open
probability (Popen) of the channel, larger currents, and increased single-channel slope conductance
with each 20 mV voltage step (figure 4.1A, C). The channel was not active at Vm negative to -46
± 3.2 mV and only outward currents were observed at Vm positive to -46 ± 3.2 mV (figure 4.1C).
Excised inside-out membrane patches were used to obtain a I/V relationship (n = 10; figure 4.1D).
The pipette solution and the intracellular solution bathing the intracellular side of the patch both
contained 100 mM KCl, but free [Ca2+] in the pipette solution was 10 nM and 5 µM in the
intracellular solution. Full I/V curves were obtained where the reversal potential was 0 mV and
the slope conductance was 223 pS, similar to that established for mammal KCa (figure 4.1D)
(Marty, 1981; Pallotta et al., 1981; Tabares et al., 1985; Egan et al., 1993). A sigmoidal curve was
fitted to the I/V data, which is appropriate for KCa channels (figure 4.1D) (Egan et al., 1993). With
5 µM free [Ca2+]i, channels were active in 100% (10/10) of excised membrane patches. In cellattached patch configuration, increasing electrode [K+] from 2.6 mM to 100 mM resulted in only
inward currents at hyperpolarized patch potentials, indicating that K+ carried the channel current
(n = 10; figure 4.1D). The above features, i.e. silencing effect of IbTX, outward rectification of the
channel, increased Popen with depolarization, and the slope conductance obtained from excised
membrane patches indicated that these are large-conductance KCa channel currents.
Ca2+-dependent KCa activation
The Popen of the KCa channel was dependent on both Vm (figure 4.1A, C) and [Ca2+]i (figure 4.2).
Using excised inside-out membrane patches, a Ca2+-activation curve was obtained by exposing the
inner membrane surface to a range of [Ca2+]’s (in µM): 0.01, 0.1, 0.5, 1, 5, 10, 50 (n = 5 - 7; figure
4.2C). Popen was calculated from amplitude histograms generated from 10 s recordings of singlechannel activity at a fixed transmembrane potential of 40 mV. The data were fit with a Hill doseresponse curve (figure 4.2C). The KCa channel was reversibly activated by Ca2+ (n = 8; figure 4.2).
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Figure 4.1. Characterization of single-channel KCa currents in turtle cortical neurons.
(A) Sample recording of single-channel outward currents from cell-attached patches of cortical neurons.
Note: The exterior surface of the membrane patch was voltage-clamped to (i) 60 mV, (ii) 80 mV, (iii) 100
mV, and (iv) 120 mV. Assuming a cellular V m of ~ -80 mV, the transmembrane potential of the patch at
each holding potential was (i) 20 mV, (ii) 0 mV, (iii) 20 mV, and (iv) 40 mV. (B) Sample recordings of
cell-attached patches with indicated ion channel/receptor antagonists in the pipette solution. Antagonists:
NMDA receptor (MgCl2, APV), AMPA receptor (CNQX), non-specific K+ channel (CsCl or TEA), specific
KCa channel (IbTX). (C) Voltage dependence of KCa channels comparing Popen versus patch transmembrane
potential. (D) Single-channel current amplitude (pA) as a function of patch transmembrane potential (mV).
Open circles indicate data from cell-attached patches; solid circles indicate data from excised membrane
patches ([KCl] (100 mM) in bath and pipette, [Ca2+]e was 10 nM, and [Ca2+]i was 5 µM; open triangles:
indicate cell-attached patches with 100 mM [KCl] and 10 nM [Ca2+]. For experiments A-C, bath and pipette
solutions contained aCSF. For summary graphs C and D, data are mean ± S.E.M., cell-attached patch data
are from 20 separate experiments each, and excised patch data are from 10 separate experiments each.
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Figure 4.2. KCa channel activity is reversibly activated by manipulating Ca2+ at the intracellular
membrane surface.
(A) An expanded view of a single experiment in which the solution bathing the intracellular surface of an
excised membrane patch was switched from 0 to 50 µM Ca2+. This relatively high [Ca2+] was used for the
fast onset of channel activation and applications were of 1-2 min durations (see Fig. 4). Intracellular bath
and pipette solutions contained symmetrical K+ (100 mM) and the extracellular solution contained a free
[Ca2+] of 10 nM. The patch was voltage-clamped at -40 mV, resulting in a transmembrane potential of 40
mV. In this experiment the membrane patch was bathed alternately with 50 µM Ca2+ and Ca2+-free solutions
to illustrate Ca2+-dependent channel activation. (B) An expansion of the second phase of KCa activation
shown in (A) to illustrate the initiation of repeated channel openings in response to 50 µM Ca 2+ followed
by Ca2+ washout. (C) Ca2+-activation curve obtained by exposing the intracellular surface of excised insideout membrane patches to different free [Ca2+]’s. The pipette solution contained 100 mM KCl and 10 nM
free Ca2+. The intracellular bath solution also contained 100 mM KCl but [Ca2+] and [EGTA] were
manipulated to generate six solutions with free [Ca2+] ranging from 0 to 50 µM. At each [Ca2+]i, excised
patches were held at a transmembrane potential of 40 mV. K Ca channel Popen increased with increased
[Ca2+]i. Data are mean ± S.E.M. from 5-7 recordings each, and were fitted with a Hill curve.
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Upon initial excision of a membrane patch, 50 µM EGTA was added to the intracellular bath
solution to ensure that the intracellular surface of the membrane patch was not exposed to Ca 2+
(figure 4.2). In the absence of Ca2+, channel activity was absent or silenced in excised patches
clamped at a transmembrane potential of 40 mV (figure 4.2A, B). To ensure rapid onset of channel
activity excised patches were then perfused with 50 µM free Ca2+, which activated the channel
within seconds and resulted in continuous channel activity for the duration of Ca2+ exposure (figure
4.2A, B). With 50 µM Ca2+ at the intracellular surface of the membrane patch, channels were
mainly open at patch transmembrane potentials from -80 to +80 mV (not shown). Following 1-2
min of 50 µM Ca2+ perfusion, washout with a zero Ca2+ intracellular bath solution induced gradual
channel closure until no channel activity was observed (figure 4.2A, B).
Effect of anoxia on KCa channels in cell-attached and excised membrane patches
To determine if KCa channels are oxygen-sensitive and undergo channel arrest we next examined
KCa single-channel activity following transition to anoxia (figure 4.3 and 4.4). When a cellattached patch was held at -100 mV (20 mV transmembrane potential), single-channel current
amplitude was 6.2 ± 0.5 pA during normoxic conditions (n = 10; figure 4.3A, E) and remained
unchanged following a 30 min anoxic treatment (figure 4.3A, C, E). A 60 min normoxic aCSF
perfusion did not change KCa channel mean Popen (n = 10; p = 0.562; figure 4.3F); however, mean
Popen significantly decreased 5-fold (from 0.5 ± 0.05 to 0.1 ± 0.03) following 30 min anoxia (n =
10; p < 0.001; figure 4.5F). When cortical sheets were reperfused with normoxic aCSF for 30 min
following anoxic treatment, mean Popen returned to normoxic levels (figure 4.5F). To determine if
the KCa channel is endogenously oxygen-sensitive, membrane patches were isolated from the rest
of the cell and KCa Popen was assessed in inside-out membrane patches following a 30 min anoxic
perfusion (figure 4.4). KCa channels required [Ca2+]i for activation yet continuous Ca2+ exposure
can cause desensitization; therefore, the effect of pulses of 5 μM Ca2+ (just prior to each recording),
and continuous application of 5 μM Ca2+ on anoxic channel Popen was assessed. In experiments
where Ca2+ was pulsed on, patches were exposed to a continuous 0 [Ca2+] intracellular bathing
solution between Ca2+ pulses. Under these conditions, when an excised patch was held at -40 mV
(40 mV transmembrane potential), current amplitude (~ 8.0 pA) and channel Popen (~ 0.9) remained
unchanged following a 30 min anoxic perfusion (n = 10 each; figure 4.4E; “Control (0 Ca2+)” and
“Anoxia (0 Ca2+)”). In experiments where excised patches were continuously bathed in 5 µM Ca2+
for the entire duration of experiments channel Popen gradually decreased over the 60 min duration
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Figure 4.3. Anoxia decreases KCa channel Popen in cell-attached patches.
(A-D) Normoxic and anoxic KCa open-channel amplitude (A, C) and Popen (B, D) histograms were obtained
from 10 s single-channel recordings. Note: Normoxia represents data obtained following an initial 15-min
normoxic perfusion; anoxia represents data obtained following 30 min anoxic perfusion. There were three
channels in this patch (distinguished by red, green, and blue). (E) Segments of single-channel activity from
the patch in (A-D) during normoxic and anoxic treatment at a patch Vm of 20 mV. (F) Mean Popen following
a 15-min normoxic period (Time = 0 min); O2 labeled arrows indicate normoxic treatment and the black
bar indicates the duration of anoxic treatment. Data are mean ± S.E.M. from 10 separate experiments for
each treatment. Asterisks indicate a significant effect of anoxia on channel Popen compared to control values
(P < 0.05).
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Figure 4.4. Anoxia does not decrease KCa channel Popen in excised membrane patches.
(A-D) Normoxic and anoxic KCa channel amplitude (A, C) and Popen (B, D) histograms were obtained from
10 s single-channel recordings. Green and red colouring indicates two different channels were in this patch.
The patch was continuously bathed with a 100 mM K+, 0 Ca2+ solution except prior to recording a 5 μM
free Ca2+ solution was applied. (E) Mean Popen during a 30 min anoxic treatment and recovery. ‘‘Control (0
Ca2+)’’ and ‘‘Anoxia (0 Ca2+)’’ represent data obtained from patches exposed to intermittent pulses of 5 μM
free Ca2+. ‘‘Control (5 μM Ca2+)’’ and ‘‘Anoxia (5 μM Ca2+)’’ represent data obtained from patches where
5 μM Ca2+ was continuously perfused. Note: All data was obtained following a 15-min normoxic perfusion;
anoxic data was obtained following 30 min anoxic perfusion; black bar indicates the duration of anoxic
treatment. Data are mean ± S.E.M. from 10 separate experiments for each treatment.
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of experiments irrespective of anoxic exposure (n = 10 each; figure 4.4E; “Control (5 μM Ca2+)”
and “Anoxia (5 μM Ca2+)”).
Effect of protein kinase and phosphatase modulators on KCa channel Popen
Phosphorylation of BK channels by PKC decreases Popen in mammalian smooth muscle and
Purkinje neurons (Zhou et al., 2010; van Welie & du Lac, 2011). Therefore, I postulated that the
anoxia-mediated decrease in KCa Popen in turtle cortical neurons (shown in figure 4.3F) is the result
of an anoxia-mediated activation of PKC. To test this I pre-incubated cortical sheets with the PKC
inhibitor chelerythrine and assessed KCa channel Popen during an anoxic treatment and recovery.
Chelerythrine blocked the anoxia-mediated decrease in Popen by ~ 80% following 30 min of anoxia
(anoxic 0.08 ± 0.02 to anoxic plus chelerythrine 0.45 ± 0.08; n = 5 for each; p = 0.002; figure
4.5A), indicating that PKC modulates turtle KCa channels during anoxia. To assess if activation of
PKC under normoxic conditions can mimic the anoxic decrease in KCa channel Popen I treated
cortical sheets with phorbol-12-myristate-13-acetate (PMA), a PKC activator. Normoxic
application of PMA decreased Popen ~ 80% by 30 min of treatment (normoxic 0.4 ± 0.05 to PMA
0.1 ± 0.02; n = 5; p < 0.001; figure 4.5B), supporting the previous findings that PKC is involved
in regulation of turtle cortical neuron KCa channels. Mammalian KCa channels are also regulated
by protein phosphatases and the Ca2+-binding protein calmodulin (Fanger et al., 1999; Widmer et
al., 2003; van Welie & du Lac, 2011). To test if turtle KCa channels are regulated by protein
phosphatase 1 or 2A I treated cortical sheets with a specific inhibitor of these phosphatases okadaic
acid (n = 5; figure 4.5B). To investigate a role for calmodulin I treated cortical sheets with the
Ca2+/calmodulin inhibitor calmidazolium (n = 5; data not shown). Neither of these treatments had
a significant effect on KCa Popen during normoxia (p = 0.861 and 0.457, respectively).

Discussion
In normoxic mammalian neuronal tissue there is sufficient [ATP]i for tight regulation of [Ca2+]
and [K+]; however, in the absence of compensatory mechanisms a decrease in oxygen availability
quickly leads to decreased [ATP]i and loss of ion homeostasis. Given the important roles of both
Ca2+ and K+ in neuronal excitability it is not surprising that a neuronal KCa current decreases as
part of the anoxic defense mechanism in the anoxia-tolerant turtle. In turtle pyramidal neurons
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Figure 4.5. The effect of PKC modulation on KCa channel Popen in cell-attached patches.
(A) Summary Popen graph showing a 30 min anoxic treatment and a 30 min of anoxia plus PKC inhibitor chelerythrine (0.5 μM) treatment. (B) Summary Popen graph showing a 60 min normoxic control treatment,
or a normoxic 30 min application of the PKC activator PMA (0.5 μM), or a normoxic 30 min application
of the phosphatase 1 and 2A inhibitor - okadaic acid. Note: Time = 0 min occurs following a 15-min
normoxic period. Black line in A indicates the duration of anoxic treatment and in B indicates the duration
of either PMA or okadaic acid exposure. Cortical sheets were pre-incubated with chelerythrine and okadaic
acid, and these inhibitors were drip applied for the indicated duration. PMA was drip applied only. Asterisks
(*) indicate a significant effect of PKC inhibition on channel Popen compared to anoxic values (A), and a
significant effect of PKC activation during normoxia (B) Data are mean ± S.E.M. from 5-7 separate
experiments for each treatment (P < 0.05).

88

[Ca2+]i increases ~ 10-20% in response to a 30 min anoxia perfusion (Pamenter et al., 2008c;
Pamenter et al., 2011); thus, arrest of a KCa channel would prevent over-activation and reduce K+
efflux. Massive neuronal K+ efflux is a characteristic feature of spreading depression (Fanger et
al., 1999), an evolutionarily conserved process involved in detrimental human pathologies such as
migraine, seizures, and stroke (Van Harreveld et al., 1956; Lauritzen et al., 1988; Rodgers et al.,
2007; Dohmen et al., 2008; Rodgers et al., 2010). In the ischemic cortex, anoxic conditions
enhance tissue damage by promoting spontaneous SD-like depolarizations and associated waves
of increased [K+]o that prevent restoration of cellular ATP levels, known as peri-infarct
depolarizations (Fabricius et al., 2006; Dohmen et al., 2008; Dreier et al., 2009). Neuronal
protection during anoxia may therefore hinge on altered K+ conductance and tight regulation of
the [K+] gradients in anoxia-tolerant turtles. In this study, I have identified a large-conductance
Ca2+-activated K+ channel (similar to a BK channel in mammals) in turtle cortical neurons and
demonstrated a statistically significant reduction in channel Popen in response to low oxygen (95%
N2/5% CO2). Furthermore, it was shown that KCa channel Popen does not decrease in isolated
membrane patches, indicating the involvement of intracellular mechanisms in anoxic KCa channel
arrest. Phosphorylation of mammal BK channels by PKC decreases Popen and I show that inhibition
of PKC in turtle cortical neurons blocks the anoxia-mediated decrease in KCa channel Popen. I
propose that decreased K+ efflux via KCa channels helps maintain K+ homeostasis, reduces cellular
ATP usage, and promotes survival during anoxic periods.
Ca2+-activated K+ channels were previously described in turtle cochlear hair cells (Art et al., 1995);
however, this is the first study to identify a KCa channel in the reptile central nervous system. The
cell-attached and excised patch I/V curves from this study resemble those generated for
mammalian KCa (Pallotta et al., 1981), and a single-channel slope conductance of 223 pS (in
symmetrical potassium) is within the 100-300 pS range for mammalian BK channels (Marty, 1981;
Pallotta et al., 1981; Tabares et al., 1985; Egan et al., 1993; Liu et al., 1999). This is also similar
to the conductance of turtle cochlear hair cell KCa channels which is ~ 320 pS (Art et al., 1995). I
was able to block single-channel activity with the well-known BK channel blockers TEA and IbTX
(Blatz & Magleby, 1987; Candia et al., 1992), indicating similar pharmacological sensitivity as
mammalian BK channels. Changing electrode [K+] in the cell-attached configuration verified K+
as the current carrier and single-channel Popen increased in response to both patch depolarization
and bathing Ca2+ near the inner membrane surface of excised patches. In cell-attached patches I
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did not observe single-channel activity at the cell resting Vm of -80 mV, indicating that resting
[Ca2+]i in intact turtle cortical neurons (~ 120 nM) (Bickler & Buck, 1998) was below the level
required for activation. During anoxia, [Ca2+]i increases to around 150 nM (Bickler & Buck, 1998)
which was sufficient to activate the turtle KCa channel. Thus, arrest of these channels at resting Vm
would be appropriate given the increase in [Ca2+]i.
Neuronal BK channels in mammals are involved in fast afterhyperpolarization (fAHP) and are
activated immediately following the AP and lasts several tens of milliseconds (Sah & Louise
Faber, 2002). The BK channel is a voltage-activated ion channel in which direct calcium binding
shifts gating to a more negative cellular Vm (Cui et al., 1997; Braun et al., 2008). BK channel
activation typically occurs in response to Ca2+ influx via voltage-dependent Ca2+ channels, and
when free [Ca2+]i reaches threshold, KCa channel opening results in K+ efflux and neuronal
hyperpolarization (Sah & Louise Faber, 2002). The regulation of K+ channels by oxygen tension
has been studied in a variety of mammalian cell types (Wyatt & Peers, 1995; López-López et al.,
1997; Peers, 1997; López-Barneo et al., 2001); with studies focusing primarily on BK channel
inhibition by hypoxia in oxygen-sensing tissues including, neuroendothelial bodies (Youngson et
al., 1993), adrenomedullary chromaffin cells (Thompson & Nurse, 1998; Fearon et al., 2002) and
carotid body glomus cells (Lopez-Barneo et al., 1993; Williams et al., 2004a). Carotid body
glomus cells respond to lowered PO2 by inhibiting K+ currents, leading to depolarization and
increased cellular excitability, increased cytosolic Ca2+, and increased lung ventilation (LopezBarneo et al., 1993; Williams et al., 2004a). We also found inhibition of KCa channels with lowered
oxygen in turtle pyramidal neurons, measured as a decrease in KCa channel Popen at depolarized
patch potentials; however, this does not lead to increased APf (Pamenter et al., 2011). Turtle
pyramidal neurons mildly depolarize (~ 8 mV) during anoxia (Pamenter & Buck, 2008); thus
arresting these channels may be even more important since lowered Vm and increased [Ca2+]i
activate them.
Preventing [K+]e accumulation is likely important to anoxia-tolerance in the turtle because [K+]e
accumulation results in Vm depolarization and spreading depression in anoxic/ischemic
mammalian neurons (Somjen, 1979; Zhou et al., 2010). In anoxic turtle brain there is a very mild
increase in cerebral [K+]e (from 2.6 to 3.7 mM; Sick et al., 1982) and a 50% decrease in wholecell K+ conductance (Hodgkin & Huxley, 1952; Chih et al., 1989), indicating that K+ channels are
inhibited by anoxia. Predictably a 1.2 mM increase in [K+]e results in an ~ 8 mV depolarization in
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Vm, precisely what has been measured (Pamenter et al., 2011). Preventing the increase in [K+]e
would prevent a shift in the equilibrium potential for K+ (McCartney et al., 2007) and neuronal
depolarization. The mild anoxic depolarization in turtle cortical neurons following the transition
to anoxia may result from altered conductance states of numerous ions (Pék-Scott & Lutz, 1998;
Pamenter & Buck, 2008). Given the hyperpolarizing effects of KCa during normoxia, blocking this
channel likely contributes to stable [K+]e and mild depolarization during anoxia in the turtle.
Additionally, the anoxia-mediated GABAergic shunt of excitatory current is likely sufficient to
counter any further depolarizing effects of decreased KCa Popen. Furthermore, anoxia results in a
40-50% reduction in turtle brain metabolic rate (Doll et al., 1994) which likely reflects a similar
decrease in Na+/K+ ATPase activity and lowered K+ uptake.
Mammalian BK channel activity can be differentially regulated by a variety of cytosolic factors;
including gases (oxygen, nitric oxide, and carbon monoxide), pH, reactive oxygen species and
phosphorylation (Lang et al., 2000; Riesco-Fagundo et al., 2001; Jaggar et al., 2002). In turtle
cortical neurons, the anoxic reduction in Popen did not occur in excised patches, indicating that KCa
channel modulation by anoxia involves cytosolic oxygen-sensing components potentially
including various second messenger pathways. Our findings are supported by studies in mouse
neocortical neurons (Liu et al., 1999) and rat carotid body glomus cells (Wyatt & Peers, 1995)
where patch excision prevented hypoxic decreases in KCa channel Popen; indicating cytosolic
factors are necessary for the hypoxic regulation of KCa channels. However, an anoxia-mediated
decrease in pH could play a role since BK channels in excised patches from mouse neocortical
neurons show acute pH sensitivity when pH changes from 7.0 to 6.5 inhibiting Popen by ~ 50% (Liu
et al., 1999). This is very close to the change in intracellular pH observed in anoxic turtle brain
sheets measured with 31P nuclear magnetic resonance spectroscopy (Buck et al., 1998). Mammal
BK channel modulation is complex and involves several protein kinases and phosphatases (Egan
et al., 1993; Jin et al., 2002a; Jin et al., 2002b; Widmer et al., 2003; Zhou et al., 2010; van Welie
& du Lac, 2011); therefore, it is likely that turtle KCa channels are also regulated by
phosphorylation/dephosphorylation. Since I observed an anoxic decrease in Popen and there is
evidence that phosphorylation of KCa by PKC decreases Popen in mammalian Purkinjie neurons and
tracheal tissue I targeted PKC (Widmer et al., 2003; Zhou et al., 2010). Indeed, blocking PKC with
chelerythrine during anoxia prevented the anoxia-mediated decrease in Popen and during normoxia
PKC activation with PMA decreased Popen; providing strong evidence for a role of PKC in the
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oxygen-sensing mechanism in turtle pyramidal neurons. This PKC is a diacylglycerol and Ca2+
activated kinase; therefore, the most direct mechanism of KCa phosphorylation by PKC, is PKC
activation by the rise in cytosolic [Ca2+] resulting from the anoxia-mediated release of Ca2+ from
mitochondrial stores (Pamenter et al., 2008c). Phosphorylation of KCa could also change the
channels sensitivity to Ca2+ as phosphorylation by PKA decreases the BK channel’s sensitivity to
calcium in mouse neocortical neurons (Liu et al., 1999) but not in rabbit glomus cells (LopezBarneo et al., 1988). This was not specifically tested in our study but the lack of a major difference
in the inactivation kinetics during continuous Ca2+ exposure suggests that sensitivity did not
change (figure 4.4E). Anoxia-mediated mitochondrial Ca2+ release has also been linked to NMDA
and AMPA receptor arrest and involve protein phosphatase 1 and 2A (Shin et al., 2005; Pamenter
et al., 2008c; Zivkovic & Buck, 2010) but inhibition of these phosphatases had no effect on
normoxic KCa Popen.
In summary, I have provided additional evidence that channel arrest is part of the natural defense
mechanism in the anoxia-tolerant turtle brain. Anoxic arrest of KCa channels indicates that ATP
conservation due to channel arrest and homeostatic maintenance of ion gradients is more important
to anoxic survival than transient neuronal hyperpolarization. I propose that KCa channel arrest
occurs in response to increased [Ca2+]i and mild depolarization during anoxia, thereby reducing
K+ efflux and Na+/K+-ATPase activity. These data also suggest that KCa channels are modulated
by phosphorylation by PKC in response to low oxygen in turtle brain.
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Decreases in mitochondrial reactive oxygen species
initiate GABAA receptor-mediated electrical
suppression in anoxia-tolerant turtle neurons
Preface
The idea to investigate the effects of anoxic decreases in ROS on GABAA receptor-mediated
electrical suppression was conceived jointly by D. Hogg and L.T. Buck. With the exception of
Figure 5.2 panel D all experiments were performed and analyzed by D. Hogg.
Abstract
Anoxia induces hyper-excitability and cell death in mammalian brain but in the anoxia-tolerant
western painted turtle (Chrysemys picta bellii) neuronal electrical activity is suppressed (i.e., spike
arrest), ATP consumption is reduced, and cell death does not occur. Electrical suppression is
primarily the result of enhanced γ-aminobutyric acid (GABA) transmission; however, the
underlying mechanism responsible for initiating oxygen-sensitive GABAergic spike arrest is
unknown. In turtle pyramidal neurons there are three types of GABAA receptor-mediated currents:
spontaneous inhibitory postsynaptic currents (IPSCs), giant IPSCs and tonic currents. The aim of
this study was to assess the effects of reactive oxygen species (ROS) scavenging on these three
currents since ROS levels naturally decrease with anoxia and may serve as a redox signal to initiate
spike arrest. I found that anoxia, pharmacological ROS scavenging, or inhibition of mitochondrial
ROS generation enhanced all three types of GABA currents, with tonic currents comprising ~ 50%
of the total current. Application of hydrogen peroxide inhibited all three GABA currents,
demonstrating a reversible redox-sensitive signaling mechanism. I conclude that anoxia-mediated
decreases in mitochondrial ROS production are sufficient to initiate a redox-sensitive inhibitory
GABA signaling cascade that suppresses electrical activity when oxygen is limited. This unique
strategy for reducing neuronal ATP consumption during anoxia represents a natural mechanism in
which to explore therapies to protect mammalian brain from low-oxygen insults.
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Introduction
Upregulation of GABA-mediated inhibition is critical for anoxia-tolerance in turtle brain;
however, the oxygen-sensing mechanism(s) responsible for enhanced GABA transmission are
unknown. To understand how the turtle brain survives prolonged anoxia it is essential that the
oxygen-sensing mechanisms responsible for enhanced GABA transmission be identified. Clues to
the potential oxygen sensor(s) can be found in classical oxygen-sensing tissues including, carotid
body glomus (type I) cells, PASMCs and adrenomedullary chromaffin cells (AMCs). In these
tissues, oxygen sensing is proposed to be the result of perturbations in mitochondrial function and
energy state (reviewed in Ward, 2008). Mitochondria are a leading contender as an oxygen sensor
because they are the largest consumers of oxygen, and as such are the key determinates of
intracellular PO2. In turtle brain, anoxic increases in mitochondrial Ca2+ release have already been
linked to channel arrest of NMDA and AMPA receptors which indicates that mitochondria indeed
play an oxygen sensing role during anoxia. Mitochondria can act as oxygen sensors because
hypoxia or anoxia disrupts electron transfer in the mitochondrial ETC resulting in changes in
[ATP]i, ROS generation and overall redox state of the cell (reviewed in Ward, 2008). Any or all
of these changes could initiate signalling cascades that activate a variety of processes resulting in
protection from anoxia.
The anoxic upregulation of GABA currents occurs in isolated brain sheets; therefore, oxygensensitive GABA transmission is intrinsic to the slice. Mitochondria are a potential oxygen-sensor
capable of initiating this response because they are ubiquitously expressed throughout the brain.
In particular, there is interest in a role for mitochondrial ROS (mROS) as a signal of low oxygen
because ROS generation is inherently sensitive to changes in oxygen availability, making it a
potentially important component of signalling cascades. Our lab initially became interested in
investigating mROS as a signal of the onset of anoxia after reading Schumacker’s ROS hypothesis
(reviewed in Ward, 2008). However, initial studies revealed that in turtle cerebrocortex ROS do
not increase during the transition to anoxia and instead results in the elimination of intracellular
ROS ([ROS]i) (Pamenter et al., 2007), a finding that I have recently confirmed (Dukoff et al.,
2014).
ROS have long been associated with pathological disease states (e.g., reperfusion injury due to
stroke), but more recently evidence has emerged that ROS, and in particular H2O2, can regulate a
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variety of redox-sensitive proteins and signaling pathways by reversible oxidation of cysteine thiol
residues (reviewed in Veal et al., 2007). Under normoxic conditions, [ROS]i are maintained by the
balance between ROS-generating systems and antioxidant enzyme networks (Pitlik et al., 2009;
Kahles & Brandes, 2012); however, changes in oxygen availability can alter ROS metabolism
resulting in modulation of protein function. ROS can modulate neuronal ionic homeostasis through
interactions with several ion transporting systems including: ion channels, ionic pumps, ion
exchangers and ion co-transporters (Pitlik et al., 2009). The major effects of ROS on these iontransporting systems are: oxidation of sulfhydryl groups of transport proteins, lipid peroxidation,
and perturbation of oxidative phosphorylation leading to decreases in intracellular [ATP] (Kourie,
1998). Of particular interest is O2•-, which is converted to H2O2 in the cytosol (Adam-Vizi, 2005).
In mammal, a number of neurotransmitter systems have been found to be redox-sensitive. For
example, H2O2 suppresses dopamine release in striatal brain slices (Rice, 2011), and Ca2+dependent exocytosis of glutamate in cortical synaptosomes (Zoccarato et al., 1995). GABA
release is also sensitive to ROS with superoxide preventing GABA release in hypothalamus (Chen
& Pan, 2007), and oxidants preventing GABA release in spinal cord (Yowtak et al., 2011). In
addition, GABAA receptors are potentiated by reducing agents and inhibited by oxidizing agents
(Amato et al., 1999; Calero et al., 2011).
Given the important inhibitory role of GABA during anoxia in turtle brain and the potential for
redox regulation of GABAA receptors I investigated the effects of redox-modulation on
GABAergic transmission. Specifically, I assessed the effects of pharmacologically removing ROS
on several neuronal electrical parameters of spike arrest (i.e., APth, APf, Vm and Gw) as well as on
three different types of GABAA receptor currents. Since mitochondria are the major producers of
ROS in the cell and are potentially important oxygen sensors I also asked whether a decrease in
mROS generation is sufficient to initiate GABA-mediated spike arrest.

Materials and Methods
Experimental design
Experiments were performed in a repeated measurement paired design starting with a 10 min
normoxic pre-treatment, followed by 30 min of treatment and 30 min of normoxic recovery unless
otherwise stated. H2O2, GZ and bicuculline methiodide (BIC) were applied for 5 min. The
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electrophysiological protocols used in this chapter are similar to those in Chapter 2 except where
indicated. Only new materials and methods specific to this chapter are included in this section.

Electrophysiology
5.2.2.1

Whole-cell and perforated patch clamp recordings

Redox agents react with Ag electrodes to produce voltage offsets (Berman & Awayda, 2013). To
reduce potential artifacts in electrophysiological recordings molten AgCl was reapplied often on
bath and reference electrodes. When dissolved in aCSF the LJP associated with the ROS scavenger
N-(2-Mercaptopropionyl glycine (MPG) and the oxidant H2O2 were 16.5 and < 1 mV, respectively.
All data have been corrected for these values offline.

5.2.2.2

Measurement of GABAA receptor currents and charge transfer

To aid in the detection of GABAA receptor currents, neurons were voltage-clamped at a holding
potential of -100 mV and pipette [Cl−] was increased to 130 mM by equimolar substitution of CsCl
for K-gluconate (Note: this is different from the 110 KCl pipette solution used in Chapter 2).
Similar to Chapter 2, GABAA receptor currents were isolated with AP5 (25 μM) and CNQX (25
μM). Turtle pyramidal neurons exhibit two types of phasic GABA A receptor-mediated currents:
fast spontaneous IPSCs (sIPSCs) and slower gIPSCs. Spontaneous IPSCs when recorded in the
presence of the voltage-gated Na+ channel blocker TTX are referred to as miniature IPSCs
(mIPSCs). Both sIPSCs and mIPSCs were detected using a threshold search protocol with a trigger
level set to 3 times the baseline noise (~ 3 pA). All recordings were visually inspected and only
events with a rapid onset (10 to 90% rise time < 5 ms) were included in the analysis. Fast sIPSC
and mIPSC data were assessed for 2 min at the end of each treatment period. If required, mIPSCs
or sIPSCs were normalized to the normoxic 5 min time point (> 15 min after patch formation).
The amplitude of the tonic GABA current was calculated as the difference between the holding
current measured before and after BIC or H2O2 application. Tonic currents were measured
following a 10 min normoxic control period and after 30 min of treatment. To ensure an accurate
measurement of holding current, baseline was sampled at 5 ms epochs every 100 ms over a 10 sec
period (Nusser & Mody, 2002; Bright & Smart, 2013). Any baseline points falling on the decay
phase of an IPSC were omitted. Two changes in the baseline holding current were calculated and
statistically compared. The first measurement was between two 10 sec periods 1 min apart
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immediately prior to inhibition of the tonic GABA current, this was the average change in baseline
current with no treatment. The second measurement was taken 1 min after BIC or H2O2
application; this was the average change in current due to modulation of GABAA receptors.
Charge transfer (Q (pA × ms); the integrated area under an IPSC) associated with sIPSCs and
gIPSCs was calculated according to the equation: QIPSC = (ftreatment × Qtreatment) × Δt, where ftreatment
is the mean frequency (Hz) of the IPSCs, Qtreatment is the mean charge transfer (pC) per IPSC, and
Δt is time. The charge transfer associated with the tonic current was calculated according to the
equation QTC = ITC × Δt, where ITC is the tonic current (pA) (Bai et al., 2001).

Fluorescence imaging
5.2.3.1

Fluorometric assessment of [ROS]i: CM-DCF

Changes in [ROS]i were assessed using the membrane-permeable ROS sensitive fluorescent
indicator 5-(and-6)-chloromethyl-2',7'-dichlorodihydro-fluorescein diacetate, acetyl ester (CMH2DCFDA; Invitrogen, Burlington, ON). Cortical sheets were incubated in aCSF containing 5 μM
CM-H2DCFDA (from a 1 mM stock solution in DMSO) for 30 min (4°C) followed by a 30 min
wash in aCSF (22°C). During loading the acetate groups on CM-H2DCFHDA are removed by
intracellular esterases yielding the nonfluorescent 5-(and-6)-chloromethyl-2',7'-dichlorodihydrofluorescein (CM-H2DCF), and preventing dye leakage (Koopman et al., 2006). Steady state
normoxic generation of ROS leads to oxidation of the CM-H2DCF to fluorescent 5-(and-6)chloromethyl-2',7'-dichloro-fluorescein (CM-DCF) and a subsequent increase in fluorescence.
Cessation of ROS generation results in no change in CM-DCF fluorescence. CM-DCF was excited
with a wavelength of 495 nm and fluorescence emission was detected at a wavelength of 520 nm.
Cortical sheets were exposed to treatment aCSF for 30 min then reperfused with control aCSF for
20 min or treated with 50 µM H2O2 for 5 min. To assess treatment effects on ROS generation the
fluorescence at treatment steady state was compared to a linear regression line fit to the 10 min
normoxic portion of the trace. Data are presented as percent change expressed relative to that fitted
normoxic regression line (Crowe et al., 1995).

Statistics
Analysis of electrophysiological and fluorescent data was performed similar to chapter 2. Either a
one-way ANOVA or a Kruskal-Wallis (KW) analysis was used for between group comparisons
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where appropriate. Post-hoc analyses consisted of paired t-tests, Holms-Sidak or Tukey’s.
Significance was assessed relative to the 30 min normoxia control point unless otherwise stated.
For Vm and GABA current data sets pre-treatment data were not different from normoxic control
data; therefore, treatments are compared to 30 min normoxic control data.

Results
The ROS scavenger MPG and ETC complex IV inhibitor CN decrease [ROS]i
To investigate a role for ROS in modulating GABA receptor currents I first confirmed that [ROS]i
were eliminated by the experimental protocol. Using the ROS sensitive dye CM-DCF I measured
changes in fluorescence in cortical brain sheets during normoxia and anoxia, and with and without
pharmacological ROS modulation. The rate of change in fluorescence did not change over one
hour of normoxic perfusion (0.46 ± 0.5%; n = 8; figure 5.1A, Ci), indicating maintenance of
cellular redox homeostasis. However, anoxia significantly decreased fluorescence compared to
normoxic controls (-7.2 ± 1.2%; n = 8; p < 0.001; figure 5.1A, Cii). To separate the effects of
anoxia and decreases in [ROS]i I pharmacologically eliminated ROS using the general ROS
scavenger MPG (0.5 mM) (Leroy et al., 1991). A 30 min normoxic perfusion of MPG significantly
decreased fluorescence (-9.1 ± 1.5%; n = 5; p < 0.001; figure 5.1A, Ciii), compared to normoxic
controls. The addition of MPG during anoxia did not decrease fluorescence beyond the effects of
either anoxia alone or normoxia plus MPG (-9.2 ± 0.9%; n = 5; p = 0.922 and p = 1.000; figure
5.1A, Ciii, iv). Application of another ROS scavenger N-acetylcysteine (NAC; 0.5 mM) mimicked
the effects of MPG under each condition (data not shown). Mitochondrial ROS generation is
arrested in anoxic cells because there is no oxygen available to remove electrons from the ETC.
This could be an important signal to initiate ROS-mediated signalling cascades. To assess if
decreases in mROS generation mimic anoxia I treated cortical sheets with cyanide (CN; 0.5 mM),
a complex IV (cytochrome c oxidase) inhibitor. There is controversy over the use of complex IV
inhibitors and their effects on mROS generation with some studies finding increases in ROS and
others finding decreases (Chandel & Schumacker, 2000; Turrens, 2003) Consistent with Pamenter
et al. (2007), perfusion of normoxic or anoxic aCSF plus CN decreased CM-DCF fluorescence
compared to normoxic or anoxic aCSF plus CN decreased CM-DCF fluorescence compared to
normoxic control (-8.6 ± 1.5 and -8.4 ± 0.7% respectively; n = 5 each; p < 0.001 for both; figure
5.1A, Cv, vi). To demonstrate that ROS levels could be experimentally increased I drip applied
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Figure 5.1. Anoxia, ROS scavenging, and inhibition of mitochondrial cytochrome c oxidase with CN
decrease [ROS]i.
(A) Summary of treatment induced changes in CM-DCF fluorescence. (B) Dose-response relationship of
[H2O2] versus ΔCM-DCF fluorescence. (C) Sample CM-DCF fluorescence recordings from (A), neurons
treated as indicated. Note: horizontal linear portion of the trace indicates no new ROS generation; black
bars represent duration of treatment; arrow indicates onset of H2O2 application. Treatments: normoxia 95%
O2/5% CO2, anoxia 95% N2/5% CO2, 0.5 mM MPG, 0.5 mM CN and 50 µM H2O2. Data are expressed as
means ± S.E.M., n = 4-8 replicates per treatment. Asterisks (*) indicate significant difference from
normoxic controls. Pound sign (#) indicates significant difference from anoxic controls (P < 0.05).
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H2O2 and measured CM-DCF fluorescence. It should be noted that in vitro studies indicate that
DCFH (the non-chloromethylated form of CM-DCFH) is not directly oxidized by H2O2 but by
peroxidases that require H2O2 for the process (Hockberger et al., 1999). Therefore, while changes
in CM-DCF are not the direct result of H2O2-mediated oxidation they are a useful indicator of
general cellular oxidative stress, including H2O2-mediated oxidation. Excessive oxidation by H2O2
can cause damage to cells so I first determined an appropriate physiological concentration of H2O2
to apply. Application of H2O2 increased CM-DCF fluorescence in a dose-dependent manner (n =
4-8 each; figure 5.1B), with 50 µM [H2O2] being the lowest concentration in which I could detect
a significant change in fluorescence. This finding is in agreement with normoxic measurements of
H2O2 from the media of cultured turtle neurons and is near the reported physiological range of
mammalian neuronal intracellular [H2O2] ([H2O2]i)(1-20 µM) (Hoyt et al., 1997; Lei et al., 1998;
Milton et al., 2007). In addition, this concentration did not affect baseline electrophysiological
properties of pyramidal neurons, such as Vm, Gw, and APth indicating it did not induce oxidative
damage (Table 3). Compared to normoxic control, a 5 min application of H2O2 significantly
increased fluorescence during both normoxia and anoxia (23.6 ± 1.1 and 25.4 ± 1.3% respectively;
n = 5 each; p < 0.001 for both; figure 5.1A, C). Application of H2O2 during MPG or CN
administration also increased CM-DCF fluorescence confirming sensitivity of the dye to
exogenous H2O2 under these experimental conditions (figure 5.1Ciii-vi).
Anoxia-mediated decreases in ROS suppress electrical activity
To investigate the role of decreased ROS in GABA-mediated spike arrest I modulated [ROS]i and
measured APth as an indicator of neuronal excitability. Under normoxic conditions, stepwise
current injections elicited APs at a threshold of -45.4 ± 2.0 mV, whereas anoxia significantly
depolarized APth by 33% to -30.3 ± 1.9 mV (n = 10 for both; p < 0.001 for both; figure 5.2A).
These changes were reversed by reoxygenation and are consistent with previous reports of spike
arrest in anoxic turtle brain (see chapter 2; Feng et al., 1988b; Perez-Pinzon et al., 1992b; Pamenter
et al., 2008b). Perfusion of MPG under normoxic conditions depolarized APth compared to
normoxic control (-33.1 ± 1.2 mV; n = 10; p < 0.001; figure 5.2A, Bi-ii); mimicking anoxiamediated spike arrest. To evaluate if decreases in [ROS]i and not other anoxia-induced signals
(e.g., decreased ATP) are responsible for GABA-mediated spike arrest I assessed APth following
a bath transition from anoxia to anoxia plus ROS scavenger. ROS scavenging with MPG during
anoxia did not induce additional changes in APth compared to ROS scavenging alone (-30.4 ± 1.4
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Table 3. Effect of 50 μM H2O2 on electrophysiological properties of pyramidal neurons.
Electrophysiological parameter

Normoxia

H2O2

Membrane potential (mV)

-86.3 ± 0.6

-80.3 ± 3.1

4.3 ± 0.6

4.4 ± 0.5

-43.5 ± 1.4

-39.3 ± 1.2

Whole-cell conductance (nS)
Action potential threshold (mV)

Data shown represent the means ± S.E.M. (n = 4 per treatment). A t-test comparing normoxia
to H2O2 within each measured parameter found the data not to be statistically significant (P <
0.05).
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mV; n = 10; p = 0.458; figure 5.2A). In previous studies, antagonism of GABAA receptors with
GZ prevented the anoxia-mediated depolarization of APth, highlighting the essential role of these
inhibitory receptors during low oxygen stress (see chapter 2; Pamenter et al., 2011; Pamenter et
al., 2012b). In the present study, application of GZ to MPG-treated neurons prevented the MPGmediated depolarization in APth during anoxia (-38.0 ± 1.7 mV: n = 7; p = 0.030) and decreased
the change during normoxia (-38.9 ± 2.1 mV; n = 7; p = 0.172; figure 5.2A). This demonstrates
that similar to anoxia, the MPG-mediated decrease in [ROS]i alters pyramidal neuron APth via a
GABA-sensitive mechanism. Inhibition of the ETC with CN under normoxic conditions also
depolarized APth compared to normoxic control (-34.5 ± 1.1 mV; n = 10; p < 0.001; figure 5.2A)
indicating a role for mitochondrial ROS production in spike arrest. Application of GZ to CN treated
neurons also prevented the CN induced depolarization in APth under anoxic conditions (-39.0 ±
1.9; n = 10; p = 0.035). Treatment with H2O2 during normoxia did not change APth relative to
normoxic control (-39.8 ± 1.8mV; n = 4; p = 0.940); however, H2O2 application under anoxic
conditions prevented the anoxia-mediated depolarization of APth (-40.3 ± 3.3 mV; n = 4, p < 0.008;
figure 5.2A), indicating that increases in [ROS]i can also prevent spike arrest in turtle cortex.
A subset of pyramidal neurons located in the dorsomedial cortex are spontaneously active (Shen
& Kriegstein, 1986). These neurons are well suited to use as a direct measure of spike arrest since
decreases in APf indicate electrical suppression. Anoxic perfusion decreases APf in these neurons
(Pamenter et al., 2011); therefore, I assessed the effect of ROS scavenging with MPG on APf.
Normoxic MPG treatment decreased APf from 0.86 ± 0.1 to 0.1 ± 0.1 Hz (n = 6 for both; p < 0.001;
figure 5.2A, Bi-ii), and following recovery APf returned to baseline levels (p = 0.146).
Pharmacological or anoxia-mediated decreases in [ROS]i shift Vm to EGABA by activating
GABAA receptors.
Anoxia-induced enhancement of GABA transmission activates postsynaptic GABAA receptors
and depolarizes pyramidal neuron Vm to EGABA. To determine if decreases in [ROS]i alone could
mimic the anoxic shift in Vm I treated cortical sheets with pharmacological ROS scavengers. I
first repeated baseline measurements of Vm and EGABA in pyramidal neurons using perforatedpatch clamp techniques. In passive current clamp recordings, pyramidal neurons had a Vm of 87.3± 1.9 mV (n = 10) under normoxic conditions, and this was hyperpolarized relative to EGABA
(-77.6 ± 1.6; n = 10; p < 0.001; figure 5.3A). EGABA was not affected by oxygen availability or any
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Figure 5.2. Pharmacological or anoxia-mediated decreases in [ROS]i depolarize APth; ROS
scavenging decreases APf in a subset of spontaneously active pyramidal neurons.
(A) Summary graph showing changes in APth following indicated treatments during transition from
normoxia to anoxia and recovery. (B) Sample recordings of APs stimulated by stepwise current injection.
(C) Summary of changes in APf (Hz) following treatment with the ROS scavenger MPG, and recovery. (D)
Sample free running current-clamp recordings of spontaneously firing pyramidal neurons used to generate
(C). Black bars represent duration of treatment. Treatments: normoxia 95% O2/5% CO2, anoxia 95% N2/5%,
0.5 mM MPG, 0.5 mM CN, 25 μM GZ, 50 μM H2O2. Data are mean ± S.E.M., n = 4-10 separate
experiments. Asterisks (*) indicate significant difference from normoxic controls. Pound signs (#) indicate
significant difference from anoxic controls. Section symbol (§) indicates significant difference from
between indicated anoxic treatments (P < 0.05).
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pharmacological treatment (n = 4-10; p = 0.508; not shown); therefore, data are compared
tonormoxic EGABA. Anoxia depolarized Vm to -77.6 ± 1.5) (n = 9; p < 0.001) and it was not different
from EGABA (p = 0.986; figure 5.3A, Bii). To determine if decreases in [ROS]i alone could mimic
the anoxic shift in Vm I treated cortical sheets with MPG. Under normoxic conditions MPG
treatment depolarized Vm (-77.2 ± 1.4 mV n = 11; p < 0.001) to EGABA (p = 0.863; figure 5.3A,
Biii). Co-treatment with anoxia plus MPG depolarized Vm to -75.3 ± 1.9 mV (n = 11; p < 0.001)
and Vm was not different from anoxic Vm (p = 0.362) or EGABA (p = 0.336) (figure 5.3A). A
subsequent 5 min application of GZ hyperpolarized Vm under normoxic (-83.5 ± 2.8 mV; n = 6; p
= 0.018) and anoxic conditions (-85.3 ± 2.1 mV; n = 4; p = 0.001), and hyperpolarized Vm away
from EGABA (p = 0.037 and p = 0.019 respectively; figure 5.3A). Since CN-mediated inhibition of
complex IV decreases [ROS]i to a similar extent as anoxia I next tested the effects of CN on Vm
and EGABA. CN treatment depolarized Vm (-76.0 ± 2.0 mV; n = 6; p < 0.001) and it was not different
from EGABA (p = 0.567; figure 5.3A, Biv). Co-application of CN and anoxia depolarized Vm
compared to normoxic control (-77.0 ± 3.0; n= 5; p < 0.001) but not more than anoxia alone (p =
0.855; figure 5.3A). Application of GZ reversed the CN-mediated Vm shift under both normoxic
(-83.8 ± 0.9 mV; n = 6; p = 0.009) and anoxic conditions (-84.6 ± 3.0; n = 5; p = 0.026), and Vm
was different compared to EGABA (p = 0.028 and p = 0.020 respectively; figure 5.3A). Next I tested
whether this effect could be reversed by addition of an oxidant. Application of H2O2 did not change
Vm under normoxic conditions (-85.3 ± 3.1 mV; n = 4, p = 0.525). However, in anoxic neurons
H2O2 application hyperpolarized Vm back to normoxic values (-77.5 ± 1.3 to -86.0 ± 1.6 mV; n =
4; p = 0.687; figure 5.3A).
ROS scavengers increase Gw by activating GABAA receptors.
A GZ-sensitive shift in Vm to EGABA indicates that ROS scavengers activate a GABAA receptormediated shunting current. To confirm this I assessed Gw following perfusion of ROS scavengers
or H2O2. Compared to normoxia, anoxic treatment caused an increase in Gw from 4.9 ± 0.2 to 7.1
± 0.4 nS respectively (n = 10 each; p < 0.001; figure 5.3C, D). Normoxic MPG treatment increased
Gw to 7.5 ± 0.5 nS and this was significantly different from normoxic values (n = 9; p < 0.001),
but not different from anoxia alone (7.4 ± 0.6 nS; n = 9; p = 0.507). MPG plus anoxia also increased
Gw (7.4 ± 0.6 nS; n = 9) but this was not different from anoxia alone indicating activation of a
similar pathway (p= 0.578; figure 5.3C, D). Application of GZ to MPG treated normoxic and
anoxic neurons decreased Gw to a level not different from normoxic controls (5.6 ±0.4 and 6.0 ±
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Figure 5.3. Pharmacological or anoxia-mediated decreases in [ROS]i shift pyramidal neuron Vm to
EGABA by activating a GZ-sensitive increase in Gw.
(A) Summary graph showing changes in Vm resulting from indicated treatments, dotted line represents
normoxic EGABA. (B) Sample raw traces used to generate (A). Note: spikelets in ii-iv are GABAergic
gIPSCs. (C) Summary of Gw measured as indicated. (D) I/V relationships from (C). Treatments: normoxia
95% O2/5% CO2, anoxia 95% N2/5% CO2, 50 μM H2O2, 0.5 mM MPG, 25 μM gabazine, 0.5 mM CN.
Black bars represent duration of treatment. Data are mean ± S.E.M., n = 4-11 replicates per treatment.
Asterisks (*) indicate significant difference from normoxic controls. Dagger (†) indicates significant
difference from EGABA in (A). Pound signs (#) indicate significant difference from anoxia in (C) (P < 0.05).
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0.3 nS, respectively; n = 6 for both; p = 0.221 and p = 0.060 respectively; figure 5.3C). Under
normoxic MPG conditions, GZ treatment caused a statistically significant decrease in Gw (p =
0.028); however, under anoxic conditions the decrease was not significant (p = 0.121). Compared
to normoxic controls CN application increased Gw in normoxic and anoxic neurons (6.7 ± 0.2 and
6.9 ± 0.5 nS; n = 9 each; p < 0.001 for both; figure 5.3C); and these values were not different from
anoxic controls (p = 0.472 and p = 0.637 respectively). Subsequent application of GZ to normoxic
or anoxic CN treated neurons decreased Gw to levels not different from normoxic controls (4.9 ±
0.5 and 5.3 ± 0.9 nS respectively; n = 6 for both; p = 0.277 and p = 0.067 respectively); however,
Gw values were also not different from normoxic and anoxic CN treatment either (p = 0.054 and p
= 0.197 respectively; figure 5.3C). To test if this effect could be reversed by an oxidant H2O2 was
applied during normoxia and anoxia. Normoxic H2O2 application did not change Gw from
normoxic values (4.3 ± 0.6; n = 7; p = 0.367; figure 5.3C). However, compared to anoxic control
H2O2 decreased Gw under anoxic conditions (3.78 ± 0.5 nS; n = 6; p < 0.001; figure 5.3C, D).
Decreases in ROS enhance mIPSC frequency
Enhanced GABA transmission can occur through either direct modulation of postsynaptic
receptors or by a presynaptic mechanism. To determine which aspects of GABA transmission ROS
scavenging regulates we assessed mIPSC amplitude and frequency. Compared to normoxia (-8.2
± 1.7 pA; n = 6) mIPSC amplitude did not change with anoxia (-5.7 ± 0.9 pA; n = 6) or MPG
treatment (-7.8 ± 1.1 pA; n = 6) (p = 0.369; figure 5.4A, C). The frequency of mIPSCs was stable
within a recording but variable between cells; therefore, this data set was normalized, see methods
for details. Compared to normoxia (1.0 ± 0.1; n = 6), anoxia and MPG treatment more than doubled
mIPSC frequency (2.4 ± 0.2 and 3.0 ± 0.6 respectively; n = 6 for both; p = 0.029 and p = 0.002
respectively; figure 5.4B, C; amplitude histograms in figure 5.5).
Decreases in ROS enhance GABAA receptor sIPSC amplitude
To determine if sIPSCs are sensitive to ROS scavenging and to quantify their roles in GABAergic
spike arrest I assessed the effects of ROS depletion on their amplitude and frequency. Spontaneous
IPSC frequency did not change following any treatment compared to normoxia (11.1 ± 0.71 Hz; n
= 6; p = 0.431; figure 5.6A). The amplitude of sIPSCs was stable within a normoxic recording;
however, it was variable between cells ranging between -60 to -80 pA. Therefore, this data set was
normalized to a previous normoxic segment, see methods for details. Anoxia increased sIPSC
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Figure 5.4. Pharmacological and anoxia-mediated decreases in [ROS]i increase mIPSC frequency
but not amplitude in pyramidal neurons.
(A) Summary of mIPSC amplitude following a 30 min treatment with anoxia or the ROS scavenger MPG.
(B) Summary of normalized mIPSC frequency under the same conditions as (A). (C) Sample raw traces
used to generate (A) and (B). Note: Normoxic pre-treatment (10 min) and treatment (30 min). GABAA
receptor-mediated mIPSCs were enhanced with high [Cl-] pipette solution (130 mM) and isolated with
NMDA and AMPA receptor antagonists (AP5 and CNQX, respectively; 25 μM each), a voltage-gated Na+
channel inhibitor (TTX; 1 μM), and a glycine receptor antagonist (strychnine; 2 μM). Treatments: normoxia
(95% O2/5% CO2 bubbled aCSF), anoxia (95% N2/5% CO2 bubbled aCSF), MPG (0.5 mM). Data are mean
± S.E.M., n = 6 replicates per treatment. Asterisks (*) indicate significant difference from normoxic controls
(P < 0.05).
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Figure 5.5. Miniature IPSC frequency but not amplitude increases with anoxia and ROS
scavenging.
(A-C) Summary amplitude histograms comparing indicated treatment (30 min) to normoxic pre-treatment
(10 min). (A) Normoxic control; (B) Anoxia; and (C) MPG. Treatments: normoxia 95% O2/5% CO2, anoxia
95% N2/5%, CO2, and 0.5 mM MPG. GABAergic mIPSCs were isolated by continuous perfusion of 25 µM
AP5, 25 µM CNQX, 1 µM TTX and 2 µM strychnine. To aide in current detection, pipette chloride [Cl-]
was increased to 130 mM and neurons were voltage-clamped at -100 mV. Data are summary of mIPSC
events over a 2 min duration, n = 6 replicates per treatment.
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amplitude (1.1 ± 0.1 to 1.9 ± 0.1; n = 5 each; p = 0.006; figure 5.6B, Giv-v) relative to the normoxic
control measurements. MPG treatment increased sIPSC amplitude compared to normoxic control
(2.0 ± 0.2; n = 7; p = 0.003; figure 5.6B). Co-treatment with anoxia plus MPG was not different
from anoxia alone (2.1 ± 0.3; n = 7 each; p = 0.677; figure 5.6B). CN treatment increased sIPSC
amplitude (1.6 ± 0.1; n = 7; p = 0.044; figure 5.6B) relative to normoxic control. Co-treatment with
anoxia plus CN was not different from anoxia (1.8 ± 0.04; n = 7; and p = 0.379; figure 5.6B).
Treatment with GZ or BIC eliminated sIPSCs under all treatment conditions (figure 5.6C, Gvi).
GABA-mediated gIPSC amplitude increases with ROS depletion
Across all treatments the frequency of gIPSCs did not change relative to normoxic frequencies
(0.09 ± 0.01 Hz; n = 7; p = 0.470; figure 5.6D). Relative to normoxic control (-228.1 ± 11.8 pA; n
= 7), anoxia and MPG more than doubled gIPSC peak amplitude (-574.6 ± 93.2 and -515.0 ± 64.0
pA respectively; n = 7 each; p = 0.013 and p = 0.020 respectively; figure 5.6E, Gi-ii; amplitude
histograms in figure 5.7). Co-application of MPG and anoxia also increased gIPSC amplitude over
normoxic control (-675.9 ± 109.4 pA; n = 7; p < 0.001) but not more than anoxia alone (p = 0.397;
figure 5.6E). CN application increased gIPSC amplitude under normoxic (-470.4 ± 52.02 pA; n =
7; p = 0.047) and anoxic conditions (-541.0 ± 119.08 pA; n = 7; p = 0.012) compared to normoxic
control (figure 5.6E, D; figure 5.7). Treatment with GZ or BIC eliminated gIPSCs under all
treatment conditions (figure 5.6C, F, Giii; figure 5.8C).
Decreases in ROS enhance tonic GABAA receptor currents
To investigate the role of tonic GABAergic inhibition in anoxia-mediated spike arrest I applied
BIC following ROS scavenging treatments. BIC was used to measure tonic GABAA receptormediated currents because the extrasynaptic GABAA receptors responsible for tonic currents are
more sensitive to BIC then they are to GZ (Bai et al., 2001). Under normoxic conditions BIC
induced an outward shift in the holding current relative to baseline (19.9 ± 1.9 pA; n = 5; p = 0.036;
figure 5.8A, Ci) indicating inhibition of a GABAA receptor-mediated tonic current. The BIC
induced shift in holding current doubled with anoxia and was significantly larger than the normoxic
current (40.6 ± 8.2 pA; n = 5; p = 0.013; figure 5.8A, Cii). Application of BIC to cortical neurons
treated with MPG or CN revealed a tonic current that was significantly larger than the normoxic
current (43.8 ± 7.3 and 39.0 ± 4.2 pA; n = 5 each; p = 0.002 and p = 0.012, respectively) but not
different from anoxia (p= 0.666 and p = 0.730, respectively; figure 5.8A, Ciii-iv).
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Figure 5.6. GABAA receptor-mediated sIPSCs and gIPSCs are sensitive to pharmacological and
anoxia-mediated decreases in [ROS]i in pyramidal neurons.
(A) Summary of changes in sIPSC frequency in response to indicated treatment. (B) Summary of changes
in sIPSC amplitude in response to indicated treatment. (C) Sample raw spontaneous voltage-clamp
recording demonstrating MPG-mediated changes in GABA currents. Note: GZ application inhibits all
currents demonstrating ROS scavenger-mediated increase in GABA release and activation of GABAA
receptors. (D) Summary of changes in gIPSC frequency in response to indicated treatment. (E) Summary
of changes in gIPSC amplitude in response to indicated treatment. (A). (F) Superimposed raw spontaneous
gIPSC recordings averaged from 10 events (n = 4 per trace). (G) Sample raw spontaneous voltage-clamp
recording demonstrating the change in GABA currents during a transition to anoxia, (i-iii) show the effect
of anoxia and GZ on gIPSCs, and (iv-vi) show the effect of anoxia and GZ on sIPSCs. Cortical sheets were
treated with normoxia or anoxia with or without MPG or CN for 30 min. Pyramidal neurons were voltage
clamped at -100 mV and GABAA receptor currents were enhanced with high [Cl-] pipette solution (130
mM) and isolated with NMDA and AMPA receptor antagonists (AP5 and CNQX, respectively; 25 μM
each) Note: due to high pipette chloride, anoxia and ROS scavenging occasionally caused action currents.
Black bar denotes treatment duration. Treatments: normoxia (95% O2/5% CO2), anoxia (95% N2/5% CO2),
MPG (0.5 mM), GZ (25 μM), CN (0.5 mM). Data are mean ± S.E.M., n = 5-7 separate experiments.
Asterisks (*) indicate significant difference from normoxic controls (P < 0.05).
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Figure 5.7. Amplitude but not frequency of gIPSCs increases with anoxia and ROS scavenging.
(A-D) Summary amplitude histograms (n = 6 each) comparing indicated treatment (30 min) to normoxic
pre-treatment (10 min). Pyramidal neurons were voltage clamped at -100 mV and GABAA receptor currents
were enhanced with high [Cl-] pipette solution (130 mM) and isolated with NMDA and AMPA receptor
antagonists (AP5 and CNQX, respectively; 25 μM each). Treatments: normoxia (95% O2/5% CO2), anoxia
(95% N2/5% CO2), MPG (0.5 mM), and CN (0.5 mM).
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H2O2 inhibits GABA transmission
Since ROS scavenging increases GABA transmission I asked if this effect is reversed by the
presence of the oxidant H2O2. Following treatment with either normoxia or anoxia, a 5 min
application of H2O2 completely inhibited sIPSCs and gIPSCs (not shown). Relative to baseline,
H2O2 induced an outward shift in the holding current under normoxic and anoxic conditions (15.8
± 2.2 and 33.0 ± 4.2 pA respectively; n = 4 and 5; p = 0.023 and p < 0.001; figure 5.8B). To assess
if GABA transmission can be modulated exclusively by redox agents, H2O2 was applied following
normoxic MPG or CN treatment. H2O2 application abolished MPG or CN-mediated sIPSCs and
gIPSCs (see figure 5.8D for MPG example). Relative to baseline, H2O2 also induced an outward
shift in the holding current in MPG (35.5 ± 5.72 pA; n = 4; P = 0.006) or CN treated neurons (31.0
± 3.1 pA; n = 4; p = 0.024; figure 5.8B, D).
Decreases in ROS increase GABAA receptor-mediated charge transfer
To estimate the relative contribution of GABAergic sIPSC, gIPSC and tonic currents to spike arrest
I calculated the charge transfer associated with each current over a 2 min period (figure 5.9A).
Under normoxic conditions the charge transfer resulting from sIPSCs was stable for over 30 min
(1.1 ± 0.11and 1.2 ± 0.10 µC respectively; n = 6; p = 0.454). Anoxia (2.0 ± 0.26 µC; n = 5; p =
0.012), MPG (1.8 ± 0.22 µC; n = 7; p = 0.05) and CN (2.4 ± 0.60 µC; n = 6; p < 0.001) all doubled
sIPSC-mediated charge transfer compared to normoxia, consistent with their impact on current
amplitude (figure 5.9). Charge transfer resulting from gIPSCs did not change over 30 min of
normoxia (1.7 ± 0.23 to 1.7 ± 0.26 µC respectively; n = 7; p = 756) and conducted ~ 50% more
current than normoxic sIPSCs. Anoxia (3.3 ± 0.33 µC; n = 7; p = 0.015), MPG (3.6 ± 0.63 µC; n
= 7; p = 0.004), or CN treatment (3.0 ± 0.4 µC; n = 7; p = 0.04) doubled charge transfer compared
to normoxic gIPSC values (figure 5.9). Charge transfer associated with tonic GABA currents did
not change over 30 min of normoxia (2.0 ± 0.12 and 2.4 ± 0.23 µC respectively; n = 7; p = 151)
and was ~ 40% larger than gIPSCs and ~ 200% larger than sIPSCs under normoxic conditions.
Anoxia (4.4 ± 0.78 µC; n = 5; P = 0.033), MPG (5.3 ± 0.87 µC; n = 5; P = 0.004), or CN treatment
(4.7 ± 0.52 µC; n = 5; p = 0.016) all doubled charge transfer compared to normoxic tonic GABA
currents (figure 5.9). On average charge transfer resulting from tonic currents was ~ 45% larger
than gIPSCs and ~ 240% larger than sIPSCs within each treatment condition.
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Figure 5.8. GABAA receptor-mediated tonic currents are modulated by changes in [ROS]i.
(A) Summary of the effects of BIC on tonic GABAA receptor currents in response to indicated treatment.
(B) Summary of the effects of H2O2 on tonic GABAA receptor currents in response to indicated treatment.
Note: No treatment (grey bars) in (A) and (B) represent the average change in the holding current prior to
application of BIC or H2O2, respectively. (C) Sample raw traces used to generate (A). (D) Sample raw trace
used to generate (B). Black bar denotes treatment duration. Pyramidal neurons were voltage clamped at 100 mV and GABAA receptor currents were enhanced with high [Cl-] pipette solution (130 mM) and
isolated with NMDA and AMPA receptor antagonists (AP5 and CNQX, respectively; 25 μM each).
Treatments: normoxia (95% O2/5% CO2), anoxia (95% N2/5% CO2), MPG (0.5 mM), CN (0.5 mM), BIC
(100 μM), and H2O2 (50 µM). Data are mean ± S.E.M., n = 5-7 replicates per treatment. Section symbol (§)
indicates significant difference from baseline. Asterisks (*) indicate significant difference from normoxic
controls (P < 0.05).
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Figure 5.9. Comparison of the pharmacological and anoxia-mediated charge transfer associated
with GABAA receptor-mediated sIPSCs, gIPSCs and tonic currents.
(A) Summary of the cumulated charge transfer resulting from GABAA receptor sIPSCs, gIPSCs and tonic
currents after a 30 min treatment with anoxia, MPG or CN. Note: charge transfer is calculated over a 2 min
duration at the end of the treatment period (B) Schematic drawing and equations detail the methods used to
calculate charge transfer. Note: grey shading indicates charge transfer associated with GABA A receptor
currents in pyramidal neurons. Charge transfer was calculated from recordings where GABAA receptor
currents were enhanced with high [Cl-] pipette solution. Black bar denotes treatment duration. For the QIPSC
equation, Q denotes charge transfer (the integrated area under an IPSC (pA × ms)), f treatment is the mean
frequency (Hz) of the IPSCs, Qtreatment is the mean charge transfer (pC) per IPSC, and Δt is the duration of
measurement. For the tonic charge transfer equation ITC is the tonic current (pA) under the indicated
treatment. Treatments: normoxia 95% O2/5% CO2, anoxia 95% N2/5%, CO2, 0.5 mM MPG, 0.5 mM CN.
Data are mean ± S.E.M., n = 5-7 replicates per treatment. Asterisks (*) indicate significant difference from
normoxic sIPSC. Dagger (†) indicates significant difference from normoxic gIPSC. Double dagger (‡)
indicates significant difference from normoxic tonic currents (P < 0.05).
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Discussion
In this study, I explore the effects of alterations in [ROS]i employing three different methods on
GABAergic transmission in cortical sheets of an anoxia-tolerant vertebrate. I demonstrate that in
turtle cerebrocortex GABAergic transmission is enhanced by pharmacological decreases in [ROS]i
with MPG, and increases in [ROS] with physiological concentrations of H2O2 inhibits it. CNmediated inhibition of mROS generation by inhibition of complex IV of the mitochondrial ETC
mimics the effects of both anoxia and pharmacological ROS scavenging, indicating that
mitochondria are an in situ oxygen sensor capable of enhancing GABAergic transmission. GABAmediated spike arrest is a critical component of the turtle’s anoxia-tolerance strategy and these
results identify a unique redox sensitive inhibitory signalling pathway that enables survival during
prolonged anoxic stress.
During normoxia, ROS levels are maintained by the balance between ROS-generating and natural
ROS-scavenging pathways (Pitlik et al., 2009). Under anoxic conditions however, oxygen is
rapidly metabolized by mitochondria resulting in a decrease in [ROS] i which can modulate ROSsensitive signalling pathways by shifting cellular redox state. In turtle, this is confirmed by our
fluorescent measurement of [ROS]i which shows ROS generation is inhibited after ~ 10 min of
anoxia, and agrees with measurements of bath chamber PO2 which decreases to ~ 0 mmHg within
the same time frame (Dukoff et al., 2014). It is therefore unlikely that there is a significant source
of ROS in anoxic neurons and proteins are expected to be in a reduced state or at least not
encountering oxidative signals. The free radical scavenger MPG neutralizes ROS as they are
generated and provides a general indication of the role of ROS in biological processes. In this study
I used MPG to assess the sensitivity of GABAA receptors to decreases in [ROS]i. The effectiveness
of MPG at removing [ROS]i in turtle cerebrocortex has previously been confirmed (Dukoff et al.,
2014); however, as a thiol-based ROS scavenger it may not accurately replicate the physiological
effects of ROS under anoxic conditions since MPG may directly reduce cysteine residues on redoxsensitive proteins. However, this is unlikely for two reasons. First, the anoxic application of MPG
did not alter the time course or the magnitude of the decrease in [ROS] i. Second, CN which does
not directly modulate cysteine residues mimics both anoxia and MPG-mediated changes in CMDCF fluorescence. An important, although expected finding from this study is that CN application
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prevents mROS generation under normoxic conditions indicating that the mitochondrion is the
major source of ROS in turtle cortical sheets.
Rather than ROS, it is possible that the anoxic inhibition of mitochondrial ATP production might
instead be the signal behind increased GABA transmission since decreases in [ATP]i and [ROS]i
both occur under anoxic conditions. In particular, one candidate-signalling molecule that increases
during anoxia is the ATP metabolite adenosine. In anoxic turtle brain, ATP breaks down into
adenosine resulting in increases in [adenosine]e, and this adenosine signal has been identified as a
protective neuromodulator in turtle brain (Nillsson & Lutz, 1992). In vertebrate brain adenosine
acts as an inhibitory neuromodulator that can decrease neuronal excitability (Bickler & Buck,
2007), and enhance GABA release through agonism of presynaptic adenosine A2A receptors
(Shindou et al., 2002). However, decreases in mitochondrial ATP production and increases in
extracellular adenosine likely do not initiate enhanced GABA release in anoxic turtle brain for two
main reasons. First, the timeline of anoxia induced changes in GABA transmission and
ATP/adenosine do not match. In anoxic turtle brain GABA release is enhanced by ~10-20 min of
anoxic treatment while [adenosine]e and [ATP]i are maintained for ~ 60 min through an increase
in anaerobic glycolysis and decreased ATP consumption (Nillsson & Lutz, 1992; Buck et al.,
1998). It is important to mention that after 60 min of anoxia [ATP]i does decrease (~ 20%), and at
that time changes in adenylate concentrations are likely relevant neuroprotective molecules (Buck
et al., 1998). Second, under normoxic conditions ROS scavenging enhances GABA receptor
currents even though oxidative phosphorylation and presumably ATP generation is functional.
Another potential competing signal is intracellular acidification resulting from net ATP hydrolysis
and anaerobic glycolysis, since in turtle brain intracellular pH decreases by 0.5 or more pH units
during anoxia (Buck et al., 1998). However, this is also not likely since ROS scavenger-mediated
changes in GABA transmission occur during normoxia when normal pH levels are maintained.
Therefore, together these data indicate that decreases in ROS rather than ATP or pH are the
inhibitory signal behind increased GABA transmission.
In support of a redox-sensitive GABAergic spike arrest mechanism I demonstrate that under
normoxic conditions the pharmacological elimination of ROS induces shunting inhibition by
clamping Vm to EGABA. Similar to anoxia, this is likely the result of a GABAA receptor-mediated
increase in Gw because application of GZ decreases Gw and reverses Vm. The inability of GZ to
fully reverse MPG and CN-induced changes in Gw is likely the result of the incomplete inhibition
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of extrasynaptic GABAA receptors by GZ (see below). ROS scavenging did not have an effect on
EGABA; therefore, GABAergic spike arrest is not the result of modulation of Cl- regulatory
machinery (e.g. KCC2 and NKCC1). Anoxia plus MPG did not have additive effects indicating
ROS scavenging and anoxia activate a similar mechanism. Importantly, ROS scavenging alone
has the capacity to decrease APf ~ 90% providing direct evidence that decreases in [ROS]i can
initiate spike arrest. Application of H2O2 reversed anoxia-induced changes in Gw and Vm indicating
that GABA transmission is suppressed by the presence of a strong oxidant. Activation of the
GABAA receptor-mediated electrical shunt by inhibition of mROS generation with CN indicates
that anoxic decreases in [ROS]i likely induces GABA-mediated spike arrest and supports the
conclusion that spike arrest results from a mitochondrial based oxygen sensing mechanism.
To determine if GABA release is potentiated by decreases in ROS I measured changes in mIPSC
frequency. I found that ROS scavenging and anoxia increase mIPSC frequency 2-3 times
indicating GABA release is redox-sensitive. Since vesicular GABA release is primarily Ca2+dependent, under these experimental conditions a change in mIPSC frequency indicates an
increase in presynaptic [Ca2+] (see below for possible mechanisms) (Trigo et al., 2010). Miniature
IPSC frequency could also increase as a result of a redox-sensitive insertion of GABAA receptors
into the postsynaptic membrane. This has been shown to occur through Ca2+/calmodulindependent protein kinase II phosphorylation of the GABAA receptor (Saliba et al., 2012). The
amplitude of mIPSCs did not change following anoxia or ROS scavenging which indicates that
postsynaptic GABA receptors are not redox modulated (Trigo et al., 2010). This is an unexpected
finding since GABA transmission has been shown to be redox-sensitive with reducing agents
potentiating GABAA receptors and oxidizing agents inhibiting them (Amato et al., 1999; Calero
et al., 2011).
The increase in sIPSC and gIPSC amplitudes could also be the result of an increase in redoxsensitive GABA release. Under anoxic or ROS depleted conditions increased GABA release would
lead to temporal synchronization of inhibitory events across multiple synapses and summation of
IPSC amplitude. This is particularly evident with sIPSCs which occur at a high frequency (13-14
Hz). Giant IPSCs are a unique GABAA receptor current in turtle pyramidal neurons with
characteristics similar to giant depolarizing potentials in neonatal brain (Ben-Ari et al., 2007) or
GABAA,slow currents (Capogna & Pearce, 2011). Giant IPSCs are likely the result of networkdriven polysynaptic events because gIPSC frequency does not change and currents last hundreds
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of milliseconds. This fits with a redox-sensitive GABA release mechanism because increased
simultaneous release of GABA onto dendrites of pyramidal neurons would result in an increase in
gIPSC amplitude during anoxia or ROS depletion.
Previously I reported that there is no tonic GABA current in anoxic turtle pyramidal neurons
(Chapter 2). In that study I used GZ (25 μM) to antagonize the extrasynaptic GABAA receptors
responsible for tonic currents. Extrasynaptic GABAA receptors have a different subunit
composition than synaptic GABAA receptors which influences antagonist binding and is the likely
reason GZ did not reveal a tonic current (Bai et al., 2001). In this study I applied BIC and
determined that there is a tonic GABAergic current under normoxic conditions and this doubles in
amplitude following anoxia or ROS scavenging. Importantly, inhibition of mROS generation with
CN also doubled this current indicating extrasynaptic GABAA receptor currents are also regulated
by an mROS associated signalling pathway. This finding is consistent with a redox-sensitive
increase in GABA release resulting from enhanced synaptic GABA spillover or volume
transmission. The analysis of the charge transfer is an important component of this study because
it allows a direct comparison of the relative contribution associated with each GABA A receptor
current. This analysis determined that tonic currents are responsible for 45-50% of the total
GABAergic charge transfer under all treatment conditions. This highlights the important inhibitory
role of extrasynaptic GABAA receptors during anoxia-mediated spike arrest and shows how tonic
GABAergic inhibition is an effective mechanism through which to clamp Vm at EGABA.
In turtle cerebrocortex, GABAergic stellate interneurons are the principal inhibitory neurons
responsible for modulation of pyramidal neuron activity (Connors & Kriegstein, 1986); and
therefore, the most likely site of a redox-sensitive GABA release mechanism. Enhanced GABA
release from stellate interneurons likely results from activation of a local oxygen-sensing
mechanism because anoxia and redox-sensitive changes in GABA transmission occur in isolated
cortical sheets. Glutamate receptor antagonists do not block GABA transmission indicating that
glutamatergic input or feedback excitation from pyramidal neurons is not involved in this
mechanism. This is interesting because stellate interneurons receive feedback from pyramidal
neurons (Colombe et al., 2004); however, it is possible that the downregulation of glutamatergic
signalling during anoxia prevents this (Shin & Buck, 2003). Although the mechanism responsible
for oxygen-sensitivity has yet to be elucidated this evidence indicates that in turtle cerebrocortex
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the stellate interneuron/pyramidal neuron network is an important inhibitory control point for
dampening electrical activity during anoxia.
Mitochondria are appropriately positioned to function as oxygen-sensors and initiators of redox
based signalling cascades because they are the primary consumer of cellular oxygen and the most
ubiquitous source of cellular ROS (Chen et al., 2003). The presynaptic localization of
mitochondria at the membrane and the ROS-sensitive modulation of GABAergic transmission
suggest that anoxic decreases in mROS production are a likely signal to initiate GABA-mediated
spike arrest. In addition, since [ROS]i fluctuate with oxygen availability, changes in mROS
production could function as an oxygen sensor. Importantly, ROS-mediated signalling would
occur simultaneously throughout the brain; and since this mechanism does not require energy
during a time when cellular ATP is limited, it constitutes a metabolically inexpensive signal to
coordinate the down-regulation of energy consuming processes on a broad scale.
In mammals, several ion channels have been identified as redox-sensitive including voltage-gated
potassium channels (Muller & Bittner, 2002), and ATP-sensitive potassium channels (Bao et al.,
2009). Since K+ channel activity has a large influence on Vm, decreases in [ROS]i could inhibit
potassium channels resulting in Vm depolarization and increased GABA release. For example, in
pulmonary arteries, hypoxic vasoconstriction is mediated in part by the inhibition of redoxsensitive K+ channels leading to depolarization of Vm and opening of L-type Ca2+ channels (Archer
& Michelakis, 2002). In turtle stellate interneurons, a similar mechanism could result in increased
GABA release. Alternatively, in turtle pyramidal neurons anoxia depolarizes mitochondrial
membrane potential leading to Ca2+ release and inhibition of NMDA receptors through a protein
phosphatase 1 and 2A-mediated pathway (Shin et al., 2005). Since this Ca2+ signal is an integral
component of the anoxia tolerance strategy in pyramidal neurons it is possible that it also occurs
in presynaptic GABAergic nerve terminals resulting in increased GABA release. A number of
second messenger signalling molecules are also redox-sensitive including: PKC (Chu et al., 2003);
protein kinase A (PKA) (Humphries et al., 2005); protein kinase G (Burgoyne et al., 2007); protein
tyrosine kinase (Klann & Thiels, 1999); tyrosine phosphatase 1B (Denu & Tanner, 1998); protein
phosphatase 2A and 2B (Klann & Thiels, 1999); and G proteins (Nishida et al., 2000). Activation
of any of these signalling intermediates has the potential to initiate signalling cascades and
modulate neuronal firing characteristics via indirect ion channel modification. This is plausible
since turtle pyramidal neurons express an oxygen-sensitive Ca2+-activated potassium channel that
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is inhibited by a PKC-mediated mechanism that could be regulated by [ROS]i (Chapter 4; RodgersGarlick et al., 2013).
In summary, I have demonstrated that in turtle cerebrocortex GABA release is redox-sensitive and
that decreases in [ROS]i are sufficient and necessary to induce GABAergic spike arrest.
Spontaneous IPSCs, gIPSCs and tonic GABA currents all contribute to spike arrest; however, tonic
currents are responsible for the majority of charge transfer. I have established that decreases in
mitochondria ROS generation are capable of initiating GABA-mediated spike arrest, highlighting
a unique ROS-mediated signalling mechanism in a naturally anoxia-tolerant vertebrate. I propose
a signalling mechanism in which anoxic decreases in mROS generation activates GABAergic
stellate interneurons initiating increased GABA release and inhibition of glutamatergic pyramidal
neurons. Further elucidation of this mechanism will lead to a better understanding of redoxsensitive GABA transmission in an anoxia-tolerant vertebrate brain and could potentially produce
medically relevant protective measures against anoxic or hypoxic insults in mammalian brain.
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General discussion and concluding remarks
One of the first recorded scientific studies into the anoxia-tolerance of freshwater turtles dates back
over 80 years (Johlin & Moreland, 1933). It was in these studies that turtles were first described
as being very tolerant to breathing pure nitrogen, “more so then frogs or newborn mice”, and they
were considered a useful model organism to work with due to their higher blood volume which
aided in analysis of blood sugar and lactic acid measurements. Since those pioneering studies there
have been major advancements toward understanding the physiological processes that govern
anoxia-tolerance in turtle, and the freshwater turtle is beginning to be more widely recognized as
an important model organism through which to investigate natural mechanisms of tolerance to low
oxygen. My research has focused on neuroprotective adaptations in the cerebrocortex, and in
particular the effects of anoxia on pyramidal neurons because these are the primary excitatory
neurons; and therefore, suppressing their activity will reduce the metabolic demands of the brain.
Through my research I have been able to advance our understanding of these mechanisms by
identifying oxygen-sensitive ion channels and by characterizing the effect of enhanced
GABAergic transmission that underlies electrical inhibition in anoxic turtle cerebrocortex. In the
remaining section I will discuss my contributions to elucidating the neuroprotective mechanisms
leading to channel arrest and spike arrest, and I will conclude with a summary of the pathways
involved in protecting turtle brain during anoxia.
When I started my doctoral research I knew that GABAergic neurotransmission was a key
component of the turtle’s anoxia-tolerant strategy because of the rapid elevation in brain GABA
observed during anoxia (Nilsson & Lutz, 1991), and because pharmacological antagonism of
GABAA and GABAB receptors induced hyperexcitability and cell death (Pamenter et al., 2011).
However, the mechanism through which low oxygen levels are sensed in isolated brain sheets and
the signalling pathways involved in enhancing GABAergic transmission, as well as the specific
effects of GABA on postsynaptic pyramidal neurons were unknown. Since neurotransmission can
be modulated by both presynaptic release of transmitter and postsynaptic receptor dynamics it was
important to characterize the effects of anoxia on both of these aspects of inhibitory GABA
transmission. To investigate the effects of anoxia on presynaptic GABA release I used high Cl loaded pyramidal neurons as reporter cells to measure changes in presynaptic release. These
experiments identified a unique sphasic GABAA receptor-mediated giant IPSC and provided the
first measurements of anoxia-mediated increases in synaptic GABA release in turtle cerebrocortex.
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To confirm that increased GABA release mediates spike arrest I investigated the effect of enhanced
GABA transmission on postsynaptic pyramidal neurons. I corroborated previous findings that V m
depolarizes following anoxic perfusion and that this is the result of a GABAA receptor-mediated
increase in whole-cell permeability to Cl-. This evidence suggested that Vm was shifting to EGABA;
however, I needed to confirm this hypothesis. Using perforated patch clamp techniques I measured
EGABA and demonstrated that indeed the anoxic increase in GCl depolarizes Vm to EGABA and
induces shunting inhibition. It is important to note that this was the first published measurement
of EGABA in a reptile neuron, or an anoxia-tolerant neuron, and it indicates that depolarizing
shunting inhibition is more effective than hyperpolarizing inhibition for reducing energy
expenditure under anoxic conditions. This is likely because there is a lower ATP demand by
membrane ion pumps at a depolarized Vm and because shunting inhibition depolarizes APth
resulting in an increased depolarizing stimulus required to reach threshold.
Once I demonstrated that spike arrest was the result of enhanced synaptic GABA release and
activation of postsynaptic GABAA receptors, the next step was to identity the oxygen sensor and
signalling pathway(s) involved in initiating increased GABA release. An ideal candidate for an
oxygen sensor in cerebrocortical neurons are mitochondria because they are ubiquitously
distributed throughout neurons of the brain, they respond to changing PO2, and anoxia induced
Ca2+ release from the mitochondrial matrix had already been shown to initiate channel arrest of
glutamate receptors (Pamenter et al., 2008c; Zivkovic & Buck, 2010; Hawrysh & Buck, 2013).
Since intracellular ROS decreases with anoxia and CN application (Chapter5; Pamenter et al.,
2007) I was interested in whether this could be a signal to increase GABA release. To test this I
assessed the effect of anoxia and ROS scavenging on mIPSC activity to determine if GABA release
is redox-sensitive. Under these conditions the frequency of mIPSCs increased supporting a redoxsensitive mechanism behind anoxic GABA release in turtle cerebrocortex. Again, this was the first
measurement of anoxia-mediated changes in GABAergic mIPSCs in turtle brain. This finding was
supported by increases in sIPSC and gIPSC amplitude following ROS scavenging. Application of
the mitochondrial ETC inhibitor CN mimicked anoxia and ROS scavenging indicating that
decreases in mitochondrial ROS generation is a sufficient signal to activate increased GABA
release. Similar to anoxia, ROS scavengers and CN also enhanced a tonic GABAA receptor current
and this was inhibited by application of H2O2 indicating that GABA release is reversibly regulated
by ROS. Interestingly, while there are examples of a ROS-mediated upregulation of GABAergic
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transmission in mammals (Chen & Pan, 2007; Yowtak et al., 2011), this is the first example where
a decrease in ROS has been found to increase GABA release. Importantly, the increased GABA
release that results from modulation of [ROS]i mimicked anoxic shunting inhibition in pyramidal
neurons supporting a role for mitochondria as the oxygen sensor responsible for initiating spike
arrest.
An important finding from these studies was the discovery of GABAA receptor-mediated giant
IPSCs. These currents are important not only because they are oxygen-sensitive inhibitory currents
that prevent APs during anoxia but also because they provide important information about the
mechanism behind GABAergic spike arrest. Since these gIPSCs occur at a fixed frequency in
pyramidal neurons throughout the cerebrocortex, and IPSC duration is hundreds of milliseconds,
they are presumably the result of the activation of multiple GABAergic synapses by a network of
GABAergic interneurons. Giant IPSCs are strikingly similar to the GABA-mediated giant
depolarizing potentials (GDPs) that dominate neural activity during early development (Ben-Ari
et al., 1989). Indeed, both occur at ~ 0.1 Hz, and are of similar duration (~ 300 ms) (Ben-Ari,
2002). This suggests that in turtle gIPSPs may actually be a retained form of GDPs that have been
reassigned to induce electrical suppression and enable anoxia-tolerance. Stellate interneurons are
the likely source of this GABA since they are the main GABAergic neurons in the cerebrocortex.
Additional support includes the finding that stellate interneurons rhythmically fire bursts of APs,
which increase in number of APs per burst with anoxia (Hogg, unpublished). The temporal
occurrence of these AP bursts matches that of the gIPSCs in pyramidal neurons indicating that
stellate neurons may be the putative oxygen sensing cells in turtle cerebrocortex. Application of
NMDA and AMPA receptor antagonists do not block gIPSCs indicating that upstream input from
glutamatergic neurons or glutamatergic feedback excitation does not play a role in anoxic increases
in GABA release. It is possible that during normoxia stellate activity is inhibited by unknown
upstream oxygen sensitive GABAergic neurons, in which a decrease in GABA release during
anoxia leads to increased stellate GABA release onto pyramidal neurons (disinhibition). What we
do know is that the voltage-gated sodium channel blocker TTX prevents gIPSCs indicting that
anoxia signalling involves depolarization of presynaptic nerve terminals and AP-mediated GABA
release.
Under voltage-clamp conditions, the large anoxia-mediated increase in gIPSC amplitude indicates
this inhibitory mechanism is an important component of the turtle’s defense strategy; however, the

124

specific purpose of these giant releases of GABA has yet to be confirmed. I demonstrated that
under physiological conditions Vm shifts to EGABA and gIPSPs become very small; indicating that
under anoxic conditions it is activation of extrasynaptic GABAA receptors and tonic GABA
currents, not synaptic GABAA receptors, which are responsible for shunting inhibition. Therefore,
I propose that a major function of the giant release of GABA responsible for gIPSCs is to
overwhelm synaptic GABA uptake mechanisms resulting in the escape of GABA from the synapse
and activation of extrasynaptic GABAA receptors. This would have the additional effect of
activating presynaptic GABAB receptors on glutamatergic synapses leading to the decrease in
glutamatergic activity observed during anoxia. Another potential mechanism for activation of
extrasynaptic GABAA receptors is an anoxia-mediated increase in volume transmission from local
GABAergic neurons which could occur concurrently with other GABA release mechanisms;
however, this possibility has not been investigated.
Another significant outcome from these studies is the finding that decreases in mROS generation
is linked to enhanced GABAergic transmission in anoxic turtle cerebrocortex. These studies
identify anoxic decreases in mROS and subsequent decreases in intracellular ROS as an important
signal to initiate GABAergic spike arrest. This finding is important not only because it sheds light
on the signalling pathways behind increased GABA release, but also because it supports our
previous hypothesis that mitochondria are putative oxygen sensors in the turtle cerebrocortex.
Furthermore, it demonstrates the versatility of the mitochondria as an oxygen sensor since they
can initiate neuroprotective signal cascades simultaneously in both the presynapse and
postsynapse. While it is possible that there may be several independent oxygen sensing systems in
the turtle brain, the findings from the studies presented in this thesis strongly support the
mitochondria as a major oxygen sensor and neuroprotective signalling organelle.
The discovery that turtle cerebrocortex is resistant to an ischemic solution that mimics the
penumbral region surrounding an infarct core is significant because it is the first study to test this
type of insult in turtle brain. It also demonstrates that anoxia-tolerant turtles are indeed an
appropriate model through which important insights into therapies against ischemic brain injury
may be found. The finding that enhanced GABA transmission also protects against ischemic
insults highlights the incredible robustness of the turtle defense mechanisms and indicates an
important area to investigate further in mammals. An interesting result of this study is that in
ischemic and high [K+]e experiments turtle neurons are electrically quiescent even though Vm was
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depolarized past APth. This indicates that in turtle cerebrocortex GABAergic inhibition dominates
over glutamatergic excitation because high [K+]e should activate both GABAergic and
glutamatergic signalling. Moreover, since antagonism of GABAA+B receptors is required to induce
death in ischemic and anoxic neurons, this finding further supports the important role of GABAB
receptor-mediated inhibition of glutamate release under anoxic and ischemic conditions.
My research has primarily focussed on elucidating the role of GABAergic inhibition in spike
arrest; however, identification of oxygen sensitive ion channels and the signalling cascades that
lead to channel arrest during anoxia is necessary to fully characterize oxygen sensing in turtle brain
as well as for a complete understanding of the suite of adaptations turtles use to avoid ECD. My
finding that turtle pyramidal neurons express KCa channels that decrease Popen with anoxia is
important because it is the first direct measurement of channel arrest of a K+ channel in anoxic
turtle brain. Furthermore, this identifies one of the K+ channels that contributes to the previously
described decreased K+ leakage during anoxia in turtle brain (Chih et al., 1989; Pék & Lutz, 1997).
While it might seem counterintuitive that inhibition of a hyperpolarizing K+ current is
neuroprotective it indicates that preventing accumulation of extracellular K+ is a priority under
anoxic conditions and that GABAergic inhibition is sufficient to prevent excessive AP generation.
The finding that PKC, a Ca2+-activated protein kinase, is involved in the regulation of KCa channels
suggests that mitochondrial Ca2+ release may be a universal low oxygen signal.
When I started my doctoral research I knew that anoxia induced channel arrest of NMDA and
AMPA receptors, and that inhibitory GABA transmission was critical for anoxic survival in turtle
brain. However, the presynaptic and postsynaptic mechanisms through which electrical
suppression occurs were not well understood. Now we have an improved working model of the
mechanisms responsible for anoxia-tolerance, and in this final paragraph I will present my
contributions to unravelling the neuroprotective mechanisms behind anoxia-tolerance in turtle
brain by summarizing our current understanding of the mechanisms involved in anoxia-mediated
electrical suppression in cerebrocortex (Figure 6.1).
At the onset of an anoxic episode blood PO2 levels begin to decrease. At a PO2 of ~ 35 mmHg
(unpublished observations) there is an increase in activity of GABAergic stellate neurons and this
leads to increased synaptic GABA release. Although the oxygen sensor responsible for increased
activity may not have been directly confirmed, it is likely the mitochondria because inhibition of
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the mROS signal with ROS scavengers or CN mimics the anoxic increases in GABA release. This
suggests that in normoxic stellate neurons mitochondrial ROS generation maintains an oxidizing
clamp preventing GABA release; this is supported by the finding that H2O2 inhibits GABA release.
We do know that the signalling pathway involves stellate neuron depolarization and activation of
Nav channels because TTX prevents GABA release (unpublished data). Whether stellate neurons
are the oxygen sensing cells of the cerebrocortex is unknown; however, since their AP burst
frequency increases during anoxia they are a likely candidate. Stellate neurons are reported to be
connected by electrical synapses which would be an effective mechanism to entrain synchronous
GABA release throughout the cerebrocortex. Alternatively, stellate neurons could be regulated by
another unknown upstream GABAergic oxygen sensing cell which is active under normoxic
conditions but inhibited by anoxia. This would lead to disinhibition of stellate neurons and
enhanced GABA release. Anoxia-mediated electrical suppression of postsynaptic glutamatergic
pyramidal neurons is primarily the result of synaptic vesicular GABA release although
decreased/reversed GABA uptake may play a role since inhibition of GABA transporters increased
gIPSC amplitude (Chapter 2). Synaptic GABA release activates synaptic and putative-perisynaptic
GABAA receptors causing increases in sIPSCs and gIPSCs. This release of GABA likely saturates
GABA uptake transporters and increases [GABA]e. In postsynaptic pyramidal neurons, activation
of GABAA receptors, and in particular extrasynaptic GABAA receptors, increases Gw, leading to
Cl- efflux and cell shrinking. This depolarizes Vm to EGABA and induces shunting inhibition, which
opposes depolarization of Vm to APth as well as depolarizes APth. In presynaptic glutamatergic
nerve terminals, GABA binding to putative GABAB receptors activates an inhibitory G-protein
which inhibits Ca2+ influx and decreases glutamate release, reducing excitatory input into
pyramidal neurons.
In pyramidal neurons, in addition to shunting inhibition there is ion channel arrest. Upon onset of
anoxia, decreases in mitochondrial ATP production activate mKATP channels increasing K+ influx
into the matrix and Ψm depolarization. This leads to release of matrix Ca2+ and an small rise in
[Ca2+]i, possibly through activation of the mPTP or modulation of the mitochondrial Ca2+ uniporter
(Pamenter et al., 2008c; Hawrysh & Buck, 2013). Following protein phosphatase 1/2A-mediated
dephosphorylation of the serine residue on the NMDA receptor intracellular C-terminal tail, this
Ca2+ signal activates calmodulin, which competitively antagonizes binding of α-actinin-2 to the
NMDA receptor, resulting in a Ca2+-dependent inactivation of NMDA receptors and delocalization
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from the synapse via dissociation from cytoskeletal elements (Shin et al., 2005). AMPA receptors
are also inhibited via the same mitochondrial Ca2+ release mechanism; however, the exact mode
of channel inhibition is unknown (Zivkovic & Buck, 2010). The anoxic increase in intracellular
Ca2+ also activates PKC which phosphorylates KCa channels and decreases channel activity.
The studies described within this thesis have significantly increased our understanding of the suite
of naturally evolved adaptations that combine to prevent hyperexcitability and cell death in anoxic
turtle brain. They have highlighted the critical importance of redox modulation of GABAergic
neurotransmission to electrical suppression during anoxia, and have reinforced the important role
of channel arrest as a mechanism to reduce ATP expenditure during episodes of low oxygen stress.
It is now clear that spike arrest in the anoxia-tolerance turtle brain involves both a decrease in
excitatory glutamatergic neurotransmission in pyramidal neurons and an increase in GABAergic
neurotransmission. The increased GABA release likely originates from stellate interneurons;
therefore, the next step is to directly record from these neurons to better elucidate the oxygen
sensing mechanism. A practical insight from my work is that to protect mammal brain from low
oxygen injury strategies should include targeting mechanisms in at least these two neuronal subtypes. Once the oxygen-sensing pathways and neuronal circuits involved in upregulating GABA
transmission are better understood we will be in a good position to not only understand these
incredible physiological adaptations to anoxia present in turtle brain but will also have better tools
to develop therapies against low oxygen insults in mammals.
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Figure 6.1. General schematic outlining neuroprotective mechanisms that induce electrical
suppression in anoxic turtle pyramidal neurons.

Following decreases in blood and tissue PO2 (1), there is a decrease in stellate neuron [ROS]i and an increase
in burst firing activity (unpublished observations) leading to increased GABA release onto synaptically
connected pyramidal neurons (2). Elevated [GABA]e activates synaptic, putative peri-synaptic, and
extrasynaptic GABAA receptors resulting in a net increase in Gw, and a shift in Vm to EGABA – Shunting
inhibition (3). Elevated [GABA]e activates GABAB receptors on the presynaptic nerve terminals of
glutamatergic neurons inhibiting glutamate release (4). Anoxic inhibition of oxidative ATP production
decreases local [ATP] activating mitochondrial ATP-sensitive potassium (mKATP) channels, and
depolarizing mitochondrial membrane potential (Ψm) (5). This leads to Ca2+ release through opening of the
mitochondrial permeability transition pore (mPTP), and an increase in [Ca2+]i (6). Phosphatases 1/2A
dephosphorylate NMDA receptors, and Ca2+ activated calmodulin antagonizes binding of α-actinin-2 to the
glutamate receptor, leading to inactivation and delocalization of the receptor from the synapse via
dissociation from cytoskeletal elements (7); a similar mechanism is likely responsible for decreases in
AMPA receptor currents. The increase in [Ca2+]i also activates protein kinase C (PKC), which
phosphorylates calcium-activated potassium channels (KCa) and decreases channel Popen (8). Green arrows
indicate activation and red arrows indicate inhibition. Note: for simplicity these mechanisms have been
shown occurring all together in one location; however, it is likely that shunting inhibition and channel arrest
occur at separate synapses.
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Appendices
Appendix I: Working concentrations of pharmacological modifiers
Table A. 1. Working concentrations of pharmacological modifiers.
Chemical

Acronym

Working
concentration

Description

EGTA

10-50 µM

BIC
CGP
GABA
PTX
GZ

100 μM
5 μM
2 mM
100 μM
25 μM

GABAA receptor antagonist
GABAB receptor antagonist
GABAA+B receptor agonist
GABAA receptor antagonist
GABAA receptor antagonist

SKF
SNAP

40 μM
20 μM

GABA transport 1 inhibitor
GABA transport 2/ 3 inhibitor

Stryc

2 uM

Glycine receptor antagonist

AP5
CNQX

25 uM
25 uM

NMDA receptor antagonist
AMPA receptor antagonist

TTX

1-2 uM

Voltage-gated Na+ channel
inhibitor

H2O2
NAC
MPG
CN

50 uM
0.5 mM
0.5 mM
0.5 mM

Oxidant
ROS scavenger
ROS scavenger
Mitochondrial complex IV
inhibitor

Calcium chelator

ethylene glycol tetraacetic acid

Calcium chelator

GABA receptor modulators
Bicuculline methiodide
CGP55845
γ-Aminobutyric acid
Picrotoxin
SR-95531(Gabazine)
GABA transport inhibitor
SKF 89976A hydrochloride*
(S)-SNAP-5114*
Glycine channel modulators
Strychnine
Glutamate receptor modulators
(2R)-amino-5-phosphopentanoate
6-cyano-7-nitroquinoxaline-2, 3dione
Sodium channel modulators
Tetrodotoxin
Redox modulators
Hydrogen peroxide
N-acetylcysteine
N-(2-Mercaptopropionyl) glycine
Sodium cyanide*
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Potassium channel modulators
Cesium chloride
Iberiotoxin
Tetraethylammonium chloride

CsCl
IbTX
TEA

5 mM
150 nM
10 mM

CDZ
CHT
OA
PMA

10 uM / 1 uM
10 uM /
0.5uM
6 uM / 500
nM
10 uM

K+ channel antagonist
KCa channel antagonist
Voltage-gated K+ channel
antagonist

Kinase/phosphatase modulators
Calmidazolium**
Chelerythrine**
Okadaic acid**
Phorbol-12-myristate-13-acetate

* Not a direct modulator
** Incubation concentration/drip perfusion concentration

Calmodulin inhibitor
PKC inhibitor
Phosphatase 1 and 2A inhibitor
PKC activator
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Appendix II: Protocol for neuron identification

Figure A.1. Pyramidal neurons and stellate neurons can be differentiated by their
responses to somatic current injections.

At the beginning of all whole-cell and perforated patch-clamp experiments the type of neuron being
recorded from was first identified using a current step protocol. In response to a 450 ms, 150 pA somatic
current injection pyramidal neurons fire trains of APs that accommodate while stellate neurons do not. (A)
Representative sample traces showing the response of a pyramidal neuron and a stellate neuron to the same
current step protocol in the current clamp configuration. (B) Example of the current step protocol used to
identify neuron type.
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Appendix III: Effect of 95% O2 vs room air on cortical neurons
Table A.2. Comparison of the effects of 95% O2/5% CO2 and room air/5%CO2 on
electrophysiological parameters of cortical pyramidal neurons.
95% O2/5% CO2

room air/5%CO2

-87.3 ± 1.9 (10)

-84.5 ± 4.2(4)

4.9 ± 0.2 (10)

4.8 ± 1.1 (4)

Action potential threshold (mV)

-45.4 ± 2.0 (10)

-42.4 ± 1.6 (4)

Giant IPSC amplitude

-228.1 ± 11.8 (7)

-205 ± 15.2 (4)

Giant IPSC frequency

0.09 ± 0.01 (7)

0.11 ± 0.01 (4)

CM-DCF slope of the line
(measure of the rate of ROS generation)

15.1 ± 1.2 (7)

12.8 ± 1.1 (4)

Membrane potential (mV)
Whole-cell conductance (nS)

Note: For comparison 95% O2/5% CO2 data is from chapter 4. Data represent the means ± S.E.M.
Parentheses indicate n-value. A t-test comparing 95% O2/5% CO2 and room air/5% CO2 within each
measured parameter found the data not to be statistically significant (P < 0.05).

Figure A.2. The rate of [ROS]i generation is not different in cortical neurons perfused with
aCSF equilibrated with 95% O2/5% CO2 versus room air/5% CO2.

(A) Summary of the rate of change in CM-DCF fluorescence over a 30 min experiment. (B) Sample CMDCF fluorescence traces from (A), cortical sheets were treated as indicated. Note: each trace is averaged
from 10 ROI’s collected from one recording. The rate of change (equal to the slope of the line) was
determined by taking the linear regression of the trace. Data are expressed as means ± S.E.M., n = 4-8
replicates per treatment. A t-test comparing 95% O2/5% CO2 and room air/5% CO2 found the data not to be
statistically significant (P < 0.05).
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